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Abstract 
 
 
The interface between materials science and biology has been a fertile research area 
to not only advance our fundamental knowledge of biomaterials, but also create novel 
hybrid materials with practical applications. Recent development in nanotechnology has 
revealed a variety of nanomaterials with unique size- and shape- dependent 
physiochemical properties. However, to create hybrid bio-nanomaterials for practical 
applications, there are two challenges that have to be overcome. First, control over the 
synthesis of nanomaterials with well tailored shapes and properties should be achieved. 
Second, for sensing and biomedical applications, the nanomaterials should be engineered 
to acquire target recognition abilities for selective targeting and signal transduction. In 
this document, several new functional hybrid materials or devices are demonstrated to 
tackle the above-mentioned challenges by integrating biomolecules with nanomaterials. 
Development of colorimetric and fluorescent biosensors for heavy metal ion detection 
based on functional DNA and nanometerials is first presented. Second, a DNA encoding 
method for shape controlled synthesis of metal nanoparticles is developed. Thirdly, a new 
method to use external stimuli (pH) to direct the morphology evolution of hierarchical 
gold nanostructures is demonstrated. These hybrid materials possess attractive properties 
for applications in sensing, biomedicine, catalysis and electronics. 
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CHAPTER 1 
INTRODUCTION 
 
Part of this chapter was published as “Functional DNA Directed Assembly of 
Nanomaterials for Biosensing”, Zidong Wang and Yi Lu, Journal of Materials Chemistry 
2009, 19, 1788-1798. 
1.1    Nanomaterials and Their Applications 
Nanomaterials are physical substances with at least one dimension between 1 and 
150 nm. Growing interest in nanomaterials has been received due to their unique sizes 
that are bridging the atoms and bulk materials, as well as their intriguing properties and 
promising applications. Over the past two decades, the rapid development of nanoscale 
science and technology has resulted in the successful synthesis and characterization of a 
variety of nanomaterials including metallic nanoparticles [1,2], semiconductor 
nanocrystals (quantum dots)[3-5], carbon nanotubes (CNTs) [6-8], nanorods [9] and 
nanoshells [10,11]. These nanomaterials have been shown to possess unique optical, 
electronic, magnetic and catalytic properties with wide applications in electronics, optics, 
energy storage, catalysis, sensing, imaging and medicine [12-15]. 
1.2    Introduction to Functional DNA 
DNA is among the most important class of biopolymers and has been known as a 
carrier of genetic information [16,17]. Since the early 1990s, however, certain DNA 
molecules have also been shown to perform catalytic reactions (called DNAzymes, or 
deoxyribozymes) [18,19] like protein enzymes, or bind to a specific target molecule 
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(called aptamers) like antibodies [20]. DNAzymes, aptamers and their combination 
(called aptazymes or allosteric DNAzymes) [21] are now collectively called functional 
DNA. These functional DNA molecules have not been discovered in nature thus far, 
instead they have been isolated via a combinatorial biology technique known as in vitro 
selection [22], or a process also known as systematic evolution of ligands by exponential 
enrichment (SELEX) [23,24]. 
A unique feature of functional DNA and related functional RNA molecules 
(ribozymes and RNA aptamers) is their ability to specifically bind a broad range of 
analytes including inorganic, organic, and biomolecules, as well as bacteria, viruses, and 
cancer cells [25-27]. The binding affinity of these functional DNA/RNA molecules to 
specific targets can rival that of protein antibodies. In addition to their ability to recognize 
the large variety of targets, functional DNAs offer a number of competitive advantages 
over other molecules such as antibodies [28]. First, functional DNAs are isolated by in 
vitro selection and can be chemically synthesized and engineered in test tubes after their 
sequences are determined, whereas antibody preparation often requires animals or cell 
cultures. Second, functional DNAs can stand much harsher conditions, such as high 
temperature and non-aqueous solvent that are often encountered in materials synthesis 
and engineering; even if the DNA are denatured, they can be refolded to their native 
active conformation, while denatured antibodies usually cannot be refolded. Finally, these 
functional DNAs induce less or no immunogenicity in therapeutic applications compared 
to those protein antibodies. Despite these advantages, there is still a lack of general 
methods to transform the selective binding of these functional DNAs to physically 
detectable signals such as fluorescence or colors. Therefore, integration of functional 
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DNA with nanomaterials provides new hybrid systems that combine specific molecular 
recognition or catalytic properties of functional DNA with diverse and strong signal 
transduction of nanomaterials. This novel combination has yielded stimuli responsive 
nanomaterial assemblies, and various types of sensors for selective and sensitive 
detection of a wide range of analytes [29-33].   
1.3 Functional DNA Directed Assembly of Metallic Nanoparticles for 
Biosensing 
Noble metal nanoparticles such as gold and silver nanoparticles display unique size, 
composition and distance-dependent optical properties [34]. Rapid progress in the 
preparation of size- and shape-controlled metallic nanoparticles and development of 
different surface modifications for better stability, solubility and biocompatibility make it 
possible to explore applications of noble metal nanoparticles in the sensing and 
biomedical fields [35,36]. For example, gold nanoparticle (AuNP) colloids are red in the 
dispersed state but change to blue upon aggregation due to interparticle plasmon coupling, 
and their extinction coefficients are several orders of magnitude higher than organic dyes 
[37]. Therefore, these metallic nanoparticles are ideal color reporters in colorimetric 
sensing. However, a sensing system requires at least two components: a target recognition 
element and a signal transduction element. The metal nanoparticles do not intrinsically 
possess target recognition abilities necessary for selective binding and sensing. Therefore, 
the combination of bio-recognition molecules such as DNA with metal nanoparticles 
provides a new hybrid system for a way to modulate the physical and chemical properties 
of nanomaterials, resulting in the development of a series of biosensors with superior 
performances. 
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Oligonucleotide-mediated AuNP assembly was first reported by both the Mirkin 
group and the Alivisatos group [38,39]. AuNPs modified with single strand DNA (ssDNA) 
would aggregate upon addition of a complementary target DNA, resulting in a color 
change from red to blue. By carefully controlling the temperature at which the 
aggregation occurred, this method could detect oligonucleotides down to subpicomolor 
level with single base mismatch resolution [40]. 
In addition to oligonucleotides, there are many other molecules such as metal ions, 
organic molecules, proteins, carbohydrates, bacteria, and viruses in biological systems 
and in the environment. Therefore, it is desirable to use AuNPs as a method of signal 
transduction for detection of even broader targets beyond oligonucleotides. Toward this 
goal, our group first reported a colorimetric biosensor for lead (Pb2+) based on a 
DNAzyme directed assembly of AuNPs in response to Pb2+ as a stimulus [29]. The 
DNAzyme consisted of an enzyme strand and a substrate strand which had a single RNA 
base as the cleavage site (Figure 1.1a,b). The substrate strand was extended on both ends 
to facilitate hybridization with DNA-modified AuNPs in a head-to-tail configuration 
(Figure 1.1c). Because there are a number of DNA molecules on each AuNP, these 
AuNPs can be linked together by the substrate DNAs, forming AuNP aggregates that 
appear blue. Upon heating the system to 50 oC, the AuNPs and DNAzyme disassembled 
and they could be reassembled again when cooled down to room temperature that allows 
DNA annealing. However, in the presence of Pb2+, the substrate was cleaved, thereby 
inhibiting reassembly and resulting in a red color. The color change was conveniently 
monitored by UV-vis spectroscopy. The ratio of the extinction at 522 and 700 nm was 
chosen to quantify the color change of the AuNPs (Figure 1.1d). A lower ratio is 
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associated with aggregated nanoparticles of blue color, while a higher ratio is associated 
with dispersed nanoparticles of red color. This sensor had a detection limit of 100 nM and 
was shown to be able to detect lead in paint (Figure 1.1f).  
A unique feature of the DNAzyme-AuNP sensor described above is tunable dynamic 
range, which is required for the sensor to match the detection level required for different 
applications. For example, the maximum contamination level (MCL) for lead in water is 
defined by the US Environmental Protection Agency to be 75 nM, while the MCL for 
lead in paint is 2 µM. To tune the same sensor that can possess different dynamic ranges 
of detection, we took advantage of a finding that a single base mutation in the enzyme 
strand completely inactivates the Pb2+-dependent activity toward the same substrate 
strand.51 The detection range of the sensor could then be tuned from 100 nM - 2 µM 
when using all native DNAzyme, to 10-200 µM by replacing 95% of DNAzymes with 
the inactive mutant DNAzyme (Figure 1.1e), because the latter system requires more Pb2+ 
to achieve the same degree of de-aggregation and thus color change [29]. By mixing 
different percentage of active and inactive DNAzyme, the dynamic detection range can 
be tailored to almost any desirable level. 
Since the annealing was required for head-to-tail aggregates formation and for sensor 
operation (Figure 1.1c), an improved design using tail-to-tail alignment in the AuNP 
aggregates was developed to facilitate the nanoparticle assembly and disassembly (Figure 
1.1g) [41]. Due to less steric hindrance in comparison to the head-to-tail alignment, the 
aggregation at room temperature was observed. However, the assembly kinetics of this 
system was still relatively slow, as it takes more than one hour for the aggregation to 
reach completion. To overcome this limitation, we explored on the size difference of 
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AuNPs. As the optical property of nanoparticle aggregates is determined by the size of 
the aggregates rather than the number of nanoparticles in the aggregates [42], AuNPs 
with larger size were employed and a clear color change was observed in 5 min (Figure 
1.1h). This optimal design allowed fast detection of Pb2+ at ambient temperature [43]. 
While the DNAzyme-AuNP system is powerful for the detection of metal ions 
because of the high metal-binding specificity of the DNAzymes, aptamers can be used for 
detecting many other targets because they can bind to a variety of molecules with high 
affinity and specificity. Therefore, this binding property of aptamers has been applied to 
control the assembly of AuNPs for sensing applications. Chang and co-workers have 
functionalized platelet-derived growth factors (PDGF) aptamers onto AuNPs for sensitive 
and selective detection of PDGF [44]. Since each PDGF could bind two aptamers, AuNPs 
were crosslinked upon addition of PDGF and a red to purple color change was observed 
(Figure 1.2a). However, this sensor design required the target molecule to bind at least 
two aptamers, making it difficult for application to other target molecules because most 
aptamers have only a single binding site for their targets. To apply the nanoparticle based 
sensing method for a wide range of targets, our group developed a general sensor design 
based on disassembly of aggregated AuNPs, induced by structure switching of the 
aptamer upon binding to the target molecule [45]. Two different ssDNAs were attached to 
two different batches of AuNPs, and a linker DNA containing aptamer sequence was used 
to crosslink these two ssDNAs and aggregate the AuNPs (Figure 1.2b). In the presence of 
the target molecule, the folding of the aptamer caused by target binding resulted in less 
number of base pairs to be used for linking the AuNPs, and thus disassembled the 
aggregates, accompanying a blue to red color change (Figure 1.2b). This method has been 
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extended to detect adenosine, cocaine, and potassium ions, as well as multi-analytes with 
controllable cooperativity [46].  
Different from the sensor system based on analyte induced disassembly of AuNP 
aggregates, Li and co-workers developed a new type of sensing method based on non-
crosslinking DNA-AuNP conjugates [47]. They functionalized AuNPs with a moderate 
number of short alkane thiol-modified DNA and hybridized an adenosine aptamer to the 
DNA. Addition of adenosine induced the structure switching of aptamer and dissociated 
the aptamer strands from AuNPs (Figure 1.2c). The salt stability of the AuNPs then 
decreased due to the lesser number of DNA strands on the nanoparticle surface (to protect 
them), resulting in a red to purple color change in the presence of 35 mM MgCl2 salt 
solution. This sensor had a detection limit of 10 µM for adenosine. It was later found that 
folding of the aptamer tethered on AuNPs could stabilize dispersed AuNPs. The Li group 
[32]  and Chang group [48] independently reported colorimetric sensing of adenosine 
based on this phenomenon (Figure 1.2d).  
Other than the aptamer based sensor, Mirkin and co-workers reported a colorimetric 
sensor for Hg2+ detection based on thymidine–Hg2+–thymidine coordination chemistry 
[49]. Hg2+ was shown to specifically bind to two DNA thymine bases (T) and stabilize T-
T mismatches in a DNA duplex [50]. With two complementary DNAs containing T-T 
mismatches attached to different AuNPs, Hg2+ was able to stabilize the inter-particle DNA 
hybridization, leading to AuNP assembly and increased melting temperature of the 
aggregates. Therefore, Hg2+ concentration was correlated with the melting temperature of 
the aggregates and a detection limit of 100 nM was reported. Liu and co-workers made a 
significant improvement in sensor design and made the sensor work at ambient 
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temperature, with a detection limit of 1 µM [51].  
The colorimetric sensors discussed above, all require chemical modifications on the 
DNA as well as surface functionalization of the AuNPs. It is also possible to make 
sensors without the need to use chemical modifications, which can be called label-free 
colorimetric sensors. In 2004, Rothberg and co-workers discovered that non-thiolated 
short ssDNA could be easily absorbed onto citrate coated AuNPs and stabilize the AuNPs 
from salt induced aggregation, while dsDNA could not bind to AuNPs and thus could not 
prevent the AuNPs aggregation caused by salt [52]. Based on this phenomenon, they 
reported hybridization assays to detect specific DNA [53] or RNA sequences [54] using 
unmodified AuNPs and DNA.  
Aptamers were firstly applied in this label-free colorimetric sensing system. 
Unstructured aptamer without target and folded aptamer bound to target have different 
interactions with AuNPs (Figure 1.3a). Fan and co-workers demonstrated colorimetric 
detection of potassium [55] and adenosine triphosphate (ATP) [56], and Dong group 
reported thrombin detection [57]. Based on a similar principle, a label-free colorimetric 
method for sensitive and selective detection of Hg2+ was also reported [58,59].  
DNAzyme poses additional challenges to be introduced into such a system, as its 
function requires not only binding, like aptamers, but also reaction and release of 
products. Our group reported label free colorimetric sensing of Pb2+ using AuNPs and 
DNAzymes [31]. In the sensor design, the DNAzyme was extended by 8 bases at the 5’ 
end for stable hybridization of the enzyme-substrate complex. In the presence of Pb2+, the 
DNAzyme complex was cleaved and hence released short ssDNA that would adsorb onto 
AuNPs, thereby preventing aggregation under high ionic strength conditions. In the 
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absence of Pb2+, the uncleaved complex could not stabilize the AuNPs, resulting in 
purple-blue AuNP aggregates (Figure 1.3b). This sensor was highly sensitive with a 
detection limit of 3 nM, which is much lower than those of labeled methods using the 
same DNAzyme and AuNPs (100 nM), and even lower than  the DNAzyme-based 
fluorescent sensor for lead (10 nM) [25]. This sensor also showed good selectivity and a 
tunable dynamic range by adjusting pH. A similar strategy using unmodified AuNPs and 
DNAzyme was also reported by Wang and co-workers [60]. 
Both labeled and label-free methods have been shown to successfully detect a broad 
range of analytes, even though they are based on different principles. A systematic 
comparison of these two systems using the same uranyl dependent DNAzyme and AuNPs 
was carried out recently [30]. The results showed that the labeled sensor took more time 
and effort for preparation, but was easier to operate once  prepared. The label-free sensor 
had better sensitivity, shorter operation time and lower costs, but was more vulnerable to 
ionic strength and other variables. 
In addition to playing a major role as color reporters in colorimetric sensing, metallic 
nanoparticles can also be used in fluorescent sensing. Gold nanoparticles have been 
shown to be excellent quenchers for organic dyes in their proximity, due to an increase in 
their nonradiative rate and a decrease in the dye's radiative rate [61]. This quenching 
property of AuNPs makes them exceptional materials in fluorophore/quencher based 
biosensors. As an example, AuNP has been used in molecular beacons for the sensing of 
DNA with 100-fold better sensitivity than organic quenchers [62]. 
Chang and co-workers designed a “turn-on” fluorescent sensor for PDGFs using 
aptamer functionalized AuNPs [63]. N,N-dimethyl-2,7-diazapyrenium dication (DMDAP) 
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was used as the fluorescence signaling molecule that intercalated with aptamers and was 
quenched by AuNPs. PDGF bound to aptamers and released DMDAP, causing a 
significant fluorescence increase. This method was highly sensitive with a detection limit 
of 8 pM. Instead of DMDAP, the same group also used photoluminescent Au nanodots as 
fluorescent labels and reported a protein sensing assay based on a similar strategy [64]. In 
a different design, Zhao and co-workers reported a thrombin biosensor based on 
structure-switch signaling of aptamers [65]. Dye-labeled DNA was hybridized with 
aptamer functionalized AuNPs and upon recognition of the target by aptamers the 
fluorescent DNA strand was released and the fluorescence was recovered. 
As shown in the above examples, a sensor normally requires two components: a 
target recognition element for interacting with target and a signal transduction element 
for readout. Since the analyte level in real biological samples can be very low, high 
sensitivity is desirable for a biosensor in practical applications. To improve the sensitivity 
of a biosensor, a signal amplification process is required. Metallic nanoparticles 
composed of gold and platinum have high catalytic activities in many chemical reactions 
and can thus be integrated into a biosensor for signal generation and amplification.  
One method using metallic nanoparticles for signal amplification is based on their 
catalytic function of reducing metal ions to grow NPs of identical composition or core-
shell structures. This has been utilized by Mirkin and co-workers to detect DNA with 
very high sensitivity [66]. Willner and co-workers reported the use of aptamer 
functionalized AuNPs as a catalytic label for amplified detection of thrombin (Figure 1.4a) 
[67]. Since thrombin has two binding sites for aptamer, by attaching one aptamer on glass 
surface and another to AuNP, the presence of thrombin would link the nanoparticle to the 
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glass surface. This was then followed by gold reduction and the absorbance of the 
functionalized glass slides was used to determine thrombin concentration. The optimized 
sensor achieved a detection limit of 2 nM. Instead of using aptamers chemically linked to 
the solid support, Ying and co-workers recently reported a dot-plot assay to detect 
thrombin by non-covalent adsorption of thrombin on a nitrocellulose membrane [68]. The 
immobilized thrombin could bind to the aptamer which was attached to silica-gold core-
shell nanoparticles, and a red color change representing the thrombin concentration after 
gold reduction could be read directly by eye. A similar strategy was also reported by 
Dong and co-workers, and the thrombin detection was tested in human plasma [69]. 
Other than AuNPs, platinum NPs have also been used to amplify electrochemical 
detection of DNA and thrombin by catalyzing reduction of H2O2 as output signals, and 
detection limits of 10 pM for DNA and 1 nM for thrombin was obtained [70]. Pt NPs 
were also shown to catalyze the generation of chemiluminescence from luminol/H2O2, 
and this property was utilized by the Willner group to design chemiluminescent sensor 
for thrombin detection (Figure 1.4b) [71].  
Surface-enhanced Raman scattering (SERS) spectroscopy is a very sensitive 
technique based on the large enhancement of Raman scattering of molecules residing at 
or near the surface of certain nanostructured metals, such as gold and silver. The 
enhancement factor can be as much as 1014-1015, suggesting the possibility to develop 
ultrasensitive detection method based on SERS [72]. A key step in developing a SERS 
sensing platform is the choice of appropriate surface to provide desired and reproducible 
enhancement. Silver or gold nanoparticles are good choices because they can be easily 
synthesized and functionalized, and they provide enough Raman signal enhancement [73]. 
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Mirkin and co-workers first applied SERS in DNA detection by using gold nanoparticle 
labeled with oligonucleotides and Raman-active dyes, and a 20 femtomolar detection 
limit of target DNA was obtained. 
To detect analytes beyond DNA, Dong and co-workers designed SERS based 
aptasensor for protein detection [74]. Thrombin aptamers were attached to a gold 
substrate and to Raman reporter labeled AuNPs. Since thrombin has two aptamer binding 
sites (Figure 1.5a), AuNPs would be captured on the gold substrate upon addition of 
thrombin, resulting in an enhanced SERS signal. A more general design for SERS based 
aptasensor was reported by Yu and co-workers (Figure 1.5b) [75]. Silver-gold core-shell 
nanoparticles modified with thiolated capture DNA were coated on gold film for SERS 
enhancement. Another SERS reporter labeled DNA strand complementary to the capture 
DNA was first hybridized with extended adenosine aptamer strand, thus inhibiting the 
capture of this DNA complex on the substrate. Addition of adenosine would cause 
structure switching of the aptamer and release the reporter labeled DNA, allowing its 
capture on the substrate. This design resulted in an enhanced SERS signal that correlated 
to adenosine concentration. This sensor was a “turn on” sensor and the detection limit 
was reported to be 10 nM. 
1.4    Shape Controlled Synthesis of Metal Nanoparticles 
The properties of a metal nanoparticle are largely determined by its size, shape, 
crystal structure and chemical compositions [15,76]. For example, silver nanoparticles of 
different shapes present different optical scattering properties (Figure 1.6) [77].  In 
principle, the properties of a metal nanoparticle could be tailored and fine-tuned by 
controlling its morphology.  Only with the desired properties obtained by controlling 
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nanoparticle morphology, the true potential of metal nanoparticle can be explored for a 
variety of applications. Therefore, shape control of metal nanoparticles is a critical and 
prolific area of research in nanotechnology.  
Typically, the growth process of a metal nanoparticle can be divided into three stages: 
1) nucleation, 2) growing of nulei into seeds, 3) evolution of seeds into nanocrystals [15]. 
The final morphology of a nanoparticle is largely affected by the crystal structures of the 
corresponding seed. The seeds are very important as it is the bridging step between the 
nuclei and the nanocrystals.  The seeds are produced either by homogenous nucleation or 
addition of pre-formed nanoparticle seeds.  
In homogeneous nucleation, seeds are formed in-situ by addition of chemical 
precursors, which are usually the same chemical used for further seed growth step. The 
reduction of metal precursors quickly raises the concentration of atomic species in the 
reaction solution to higher than the critical concentration level, and induces the 
nucleation. Nucleation rapidly depletes the reactants so that further nucleation is 
disfavored, the all the subsequent growth occurs on the pre-existing nuclei.  
In heterogeneous nucleation, the seed particles are pre-formed by a separate reaction, 
and then added to the reactant mixture. This heterogeneous nucleation method is often 
called seed-mediated synthesis method. As this method effectively separates the 
nucleation step from the seed growth step, it provides several advantages such as vast 
choice of seed particles, and less stringency on the reaction conditions. In this seed-
mediated method, shape control can be treated as an overgrowth process.  
For shape controlled synthesis of metal nanoparticles, a key step is to ensure tight 
control on the growth seeds in the final nanocrystal. This control can be achieved by 
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employing molecular capping agents that selectively bind to specific crystal facets. 
Crystal growth is suppressed when the capping agent binding is strong, and promoted 
when the capping agent binding is week, inducing an anisotropical growth of the seeds 
along different facts. In order to achieve shape control, the capping agent should possess 
selective binding preference between two different crystal facets. So far, a number of 
molecules have been shown experimentally to produce shape control, including polymers 
such as poly(vinyl pyrrolidone) (PVP) [78], surfactants such as cetyltrimethylammonium 
bromide (CTAB) [79], biomolecules such as peptides [80], or even small molecules or 
ions such as gas molecule or silver ions [81,82]. Give the large number of molecular 
capping agents that have been discovered, there is still no effective rule on the rational 
selection of these capping agents, and the selection process is still a “try and error” 
process. 
Since the chapter 4 and chapter 5 of this thesis present the work on use of DNA to 
modulate gold nanoparticle morphology, the previous research progress on shape 
controlled synthesis of gold nanoparticles will be discussed in  the following several 
paragraphs.     
Gold nanoparticles represent one of the most important classes of nanomaterials, due 
to their tunable properties and wide applications in sensing, medicine, and catalysis [35]. 
Many methods have been reported for shape controlled synthesis of metal nanoparticles 
with the use of different reductants, reaction conditions, and stabilizers [15]. One elegant 
example is the successful synthesis of gold nanorods by seed mediated synthesis in the 
presence of CTAB [83]. Small gold nanoparticles were first prepared by reduction of gold 
salt with strong reducing agent. These seeds were used to initiate the nanorod growth in 
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the presence surfactant CTAB and mild reducing agent ascorbic acid. Silver ions (Ag+) 
were also added in some reports. In addition, dog bone-shaped nanocrystals could be 
formed through overgrowth of nanorods [84]. 
In addition to the use of CTAB as molecular capping agents, PVP was also used in 
controlled gold nanoparticle synthesis. Since the binding of PVP was not strong enough 
to stabilize {100} facet, the resulted nanoparticles are enclosed by {111} facts, and 
several shapes including octahedrons, truncated tetrahedrons, icosaherons and 
decahedrons were formed (Figure 1.7) [85,86].  When the reduction rate was lowered to 
certain level, gold nanoplates with triangular or hexagonal shapes were produced. The 
formation of gold nanoplates was achieved by lower the reagent concentration or reaction 
temperatures, or use of a mild reductant such as phenylenediamine, PVP, glucose or 
certain peptides [87-92]. 
Besides these seed-mediated synthesis methods, other methods such as 
electrochemical or photochemical methods have also been demonstrated to synthesize 
gold nanorods or nanowires [93,94].  
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1.6    Figures 
 
 
Figure 1.1 Colorimetric Pb2+ sensors based on DNAzyme functionalized AuNP. (a) 
Secondary structure of the Pb2+-specific DNAzyme. (b) The substrate is cleaved into two 
pieces in the presence of Pb2+. (c) Pb2+ directed assembly of DNAzyme linked AuNPs 
aligned in a head-to-tail configuration; (d) UV-vis spectra of disassembled (red) and 
aggregated (blue) DNAzyme-AuNPs; (e) Pb2+ colorimetric sensing with tunable dynamic 
range, monitored by the extinction ratio at 522 and 700 nm; (f) Color of the AuNPs in the 
presence of different divalent metal ions shown in a TCL plate. (g) Pb2+ directed 
assembly of DNAzyme linked AuNPs aligned in a tail-to-tail configuration; (h) Effect of 
nanoparticle alignment and size on the rate of color change. The small red ball represents 
13 nm AuNP and the big red ball represents 42 nm AuNP. Figures adopted from reference 
[33]. 
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Figure 1.2 Schematics of colorimetric sensors based on aptamer directed AuNP assembly 
or disassembly. (a) Assembly of aptamer-functionalized AuNPs by target protein (PDGF) 
which can bind two aptamer molecules. (b) Disassembly of AuNPs linked by an 
adenosine aptamer. (c) Release of aptamer induced by addition of target molecule 
(adenosine) destabilized AuNPs, resulting in a red to blue color change. (d) Folding of 
aptamer upon binding to target molecule (adenosine) stabilized AuNPs from salt induced 
aggregation. Figures adopted from reference [33]. 
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Figure 1.3 Label free colorimetric sensors based on functional DNA and AuNPs. (a) 
Schematic of aptamer based label free sensor. Folding of aptamer upon target binding 
would inhibit the adsorption of aptamer on AuNPs. The AuNPs remained dispersed in the 
absence of target molecule but aggregated in the presence of target molecule. (b) 
Schematic of DNAzyme based label free sensor. Pb2+ induced the cleavage of DNAzyme 
complex and released a short ssDNA. The AuNPs aggregated in the absence of lead but 
remained dispersed in the presence of lead. Figures adopted from reference [33].  
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Figure 1.4 (a) Amplified detection of thrombin by Au3+ reducing enlargement of 
thrombin aptamer-modified AuNPs. (b) Amplified detection of thrombin by aptamer 
modified Pt NPs acting as catalytic labels for the generation of chemiluminescence. 
Figures adopted from reference [33]. 
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Figure 1.5 (a) Left: Schematic of SERS based aptamer sensor for thrombin using Raman 
reporter labeled AuNPs functionalized with aptamers. The absorption of silver 
nanoparticles would enhance the SERS signal by forming hot spots. Right: SERS spectra 
of Raman reporters in the presence of 120 nM thrombin and in the absence of thrombin. 
(b) Schematic of SERS based aptamer sensor for adenosine using structure switching of 
aptamer. Upon addition of adenosine, folding of aptamer would release the ssDNA 
labeled with Raman reporter. Hybridization of the ssDNA on the silver coated AuNP 
aggregate substrate generated SERS signal. Figures adopted from reference [33]. 
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Figure 1.6 Calculated UV-visible extinction (black), absorption (red), and scattering 
spectra (blue) of Ag nanocrystals, showing the effect of shape on their optical properties: 
a) sphere, b) cube, c) tetrahedron, d) octahedron, e) triangular plate, and f) circular plate. 
Figures adopted from reference [15]. 
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Figure 1.7 Electron microscopy images of Au nanoparticles: a) octahedrons synthesized 
with PVP as a capping agent in polyethylene glycol 600 (PEG 600); b) truncated 
tetrahedrons prepared with PVP as a capping agent in tetraethylene glycol; c) 
icosahedrons prepared in ethylene glycol with a low concentration of Au precursor; d) 
decahedrons prepared in diethylene glycol with a high concentration of PVP; e) truncated 
nanocubes prepared in 1,5-pentanediol in the presence of Ag+ ions with PVP as a capping 
agent; f) nanocubes synthesized in 1,5-pentanediol in the presence of Ag+ ions with PVP 
as a capping agent. Figures adopted from reference [15]. 
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CHAPTER 2 
LABEL-FREE COLORIMETRIC SENSORS BASED ON 
DNAZYMES AND GOLD NANOPARTICLES 
 
Significant components of this chapter were published as following two papers: “Label-
Free Colorimetric Detection of Lead Ions with a Nanomolar Detection Limit and Tunable 
Dynamic Range by using Gold Nanoparticles and DNAzyme”, Zidong Wang, Jung Heon 
Lee and Yi Lu, Advanced Materials 2008, 20, 3263-3267; “Highly Sensitive and 
Selective Colorimetric Sensors for Uranyl (UO22+): Development and Comparison of 
Labeled and Label-Free DNAzyme-Gold Nanoparticle Systems”, Jung Heon Lee, Zidong 
Wang, Juewen Liu and Yi Lu, Journal of the American Chemical Society,  2008, 130, 
14217-14266. 
2.1    Introduction 
The interface between nanomaterials science and biology has been a fertile ground to 
advance not only fundamental knowledge of biomaterials but also practical applications 
of bionanotechnology [1,2]. A primary example is the study of interactions between gold 
nanoparticles (AuNPs) and DNA [3-5]. On one hand, AuNPs display distance-dependent 
surface plasmon properties, resulting in strong color change that rivals or even exceeds 
the most intense organic dyes [6,7]. However, it has been difficult to control the distance 
between AuNPs and thus color changes precisely. DNA, on the other hand, provides such 
a control due to its programmable nature [8,9].  In addition to tunable properties from 
temperature-dependent hybridization of one single stranded DNA (ssDNA) with its 
complementary DNA strand, functional DNA has been discovered since early 1990s that 
can change conformation or perform catalytic reactions in the presence of specific 
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inorganic, organic, biomolecules, or even bacteria, cancer cells or viruses. Functional 
DNA consists of DNAzymes, aptamers and aptazymes. DNAzymes (also called catalytic 
DNA or dexyribozymes elsewhere) are DNA molecules that can catalyze many chemical 
and biological reactions, and most of the reactions require specific metal ions as cofactors 
[10-12].  Such a high metal ion specificity has provided a novel platform for generating 
metal ion sensors [13-16]. DNA aptamers, on the other hand, are DNA molecules that 
bind to a specific target molecule, often non-metal ions, such as organic or biomolecules 
[17,18]. Therefore aptamers are an excellent system for sensors for non-metal ions [19-
21]. A combination of DNAzymes with aptamers can result in aptazymes. These 
functional DNA molecules have been selected from a DNA library with a large random 
sequence pool. Many of the functional DNA and its RNA counterpart (ribozymes and 
RNA aptamers) have been demonstrated to rival protein antibodies in terms of broad 
range of target molecules they can recognize and high binding affinity [22]. However, 
such analyte-specific conformational changes or reactions have not been convenient to 
detect due to lack of reporter groups on the functional DNA. Therefore ingenious 
combination of AuNPs and functional DNA has generated stimuli-responsive nanoscale 
materials with tunable properties as well as colorimetric sensors for a wide range of 
targets [21,23,24]. 
Until recently, most efforts in combining AuNPs with functional DNA have focused 
on using functional DNA to directly bind to the surface of AuNPs through alkane thiol at 
the ends of functional DNA [14,21]. For example, the substrate strand of a DNAzyme 
extended at both ends was used to aggregate AuNPs. In the absence of the target metal 
ion, the AuNPs remain aggregated, displaying purple color. In the presence of the target 
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metal ion, the aggregates can be dispersed due to metal-specific cleavage reaction, 
resulting red color. Such a colorimetric sensor for Pb2+ has been shown to allow on-site, 
real-time detection of lead in paint without any equipment. However, this sensor has a 
detection limit of 100 nM [14], which is higher than the maximum contamination level 
(MCL) of 72 nM for lead in drinking water as defined by the U.S. Environmental 
Protection Agency (EPA). The detection limit is also higher than the detection limit of the 
catalytic beacon-based fluorescent sensor (10 nM) using the same DNAzyme and 
catalytic beacon method [13]. Such a high detection limit could be due to the need to 
cleave a number of DNA linked to AuNPs before the color change can occur. 
Furthermore, such a sensor system requires relatively long time and efforts to prepare 
before being used. Therefore, a more sensitive but simpler colorimetric sensor is highly 
required for on-site and real time metal ion detection. 
In 2004, Rothberg and coworkers reported that ssDNA and double stranded DNA 
(dsDNA) have different absorption properties on AuNPs [25]. Since ssDNA is flexible 
and can partially uncoil its bases, it can be easily absorbed onto AuNP and thus prevent 
salt induced AuNPs aggregation by enhancing the electrostatic repulsion between ssDNA 
absorbed AuNPs. On the other hand, as dsDNA is stiffer and has negatively charged 
phosphate backbone exposed, the strong repulsion between dsDNA and negatively 
charged AuNPs makes their binding negligible, which cannot prevent salt-induced AuNP 
aggregation. Based on this phenomenon, hybridization assays to detect specific DNA [26] 
or RNA [27] sequences using unmodified AuNPs were developed by the same group. 
Similarly, unstructured aptamer without analyte and folded aptamer bound to analyte also 
have different interaction with AuNPs. Fan and coworkers demonstrated colorimetric 
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detection of potassium [28] and adenosine triphosphate (ATP) [29] using aptamers. Dong 
and coworkers recently reported thrombin detection based on the same principle [30]. 
Since no chemical modification is necessary for either DNA strands or AuNPs, it is also 
called label free colorimetric detection.  
Given the success of label-free colorimetric detection using aptamers, it would be 
interesting to find out if DNAzymes can be used in such a system. Extension of the 
success of aptamer-based system to that of DNAzyme-based system is not necessarily 
trivial, as the DNAzymes function requires not only binding as in aptamers, but also 
reaction and release of products. Making such a system work can advance our 
fundamental knowledge of functional DNA interactions with AuNPs. More importantly, 
DNAzymes generally requires a different class of cofactors for function. While aptamers 
work mostly with non-metal ions, DNAzymes are very effective in the presence of metal 
ions. Metal ions, such as Pb2+, are common contaminants in the environment, which have 
a number of adverse effects on human health, especially for children. Detection and 
quantification of metal ions are therefore important for household and environmental 
monitoring, food industrial and clinical diagnostics [31-33]. Therefore a simple and 
sensitive colorimetric sensor for metal ions that can detect below MCL defined by EPA is 
needed. In this chapter, we present such a colorimetric method for lead detection based 
on unlabeled DNAzyme and AuNPs. We have shown that using a chelating agent to 
quench the Pb2+ induced DNAzyme reaction is critical for reproducible and quantitative 
sensing. The sensing process can be done in less than ten minutes, with a detection limit 
(3 nM) that is even lower than that of corresponding catalytic beacon-based fluorescent 
sensor. Furthermore, we have demonstrated this method can be generalized for sensing a 
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series of metal ions by using uranyl sensing as an example. The uranyl sensor has a low 
detection limit (1 nM) and excellent selectivity. 
2.2    Results and Discussions 
2.2.1    Label-Free Colorimetric Lead Sensor 
The design of label free DNAzyme colorimetric sensor for Pb2+ is shown in Figure 
2.1. It is based on the 8-17 DNAzyme selected from several groups and has been shown 
to be highly specific for Pb2+ [34,35]. The 8-17 DNAzyme is composed of an substrate 
strand extended by 8 bases at the 5 end (called (8)17S) and an enzyme strand extended 
by 8 complimentary bases at 3 end (called 17E(8)). The 8 base pair extension allows 
stable hybridization between the substrate and enzyme strands at ambient temperature, 
while still allowing release of single stranded DNA (ssDNA) at the other end upon 
cleavage in the presence of Pb2+. Upon addition of trishydroxymethylaminomethane (Tris) 
and sodium chloride (NaCl) to adjust ionic strength, followed by addition of AuNPs, the 
released ssDNA can be absorbed onto AuNP and prevent the individual red AuNPs from 
forming blue aggregates under high salt conditions. In addition, NaCl concentration is 
kept higher than 100 mM for the whole process so that non-specific dissociation of the 
complex can be prevented. In the absence of Pb2+ or in the presence of other metal ions, 
however, no cleavage reaction should occur, and the enzyme-substrate complex would 
not be able to stabilize individual red AuNPs, resulting in purple-blue AuNPs aggregates. 
In contrast to aptamer-based label-free colorimetric sensors that rely only on binding 
of targets to aptamers, the DNAzyme-based label-free colorimetric sensors described in 
Figure 2.1 rely not only on binding, but also on kinetic cleavage activities, and thus pose 
new challenges. We found that, since the Pb2+ specific cleavage occurs very quickly (kobs 
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is 1 min-1 with 200 µM Pb2+ at pH 5) [36], it was difficult to measure the Pb2+ induced 
concentration dependent color change reproducibly. To address this issue, disodium 
dihydrogen ethylenediaminetetraacetate (EDTA) was chosen to quench the reaction by 
chelating the metal ions at selected point of reaction. After adding the Au colloid, the UV-
vis spectrometer was used to record the plasmon peak shift of the AuNP colloids. The 
ratio of extinction at 522 and 700 nm was chosen to monitor the amount of AuNP 
aggregation that causes the color variation. A lower ratio is associated with aggregated 
nanoparticles of a blue color, while a higher ratio is associated with dispersed 
nanoparticles of red color. When the AuNPs was added to DNAzyme complex without 
Pb2+, an extinction ratio ~2.0 was observed (Figure 2.2), which indicates high AuNP 
aggregations in the present of high salt conditions (0.5 mM Tris and 100 mM NaCl). On 
the other hand, when the DNAzyme complex was treated with 500 nM lead for 6 minutes, 
AuNP had extinction ratio of ~3.4, which suggested much less AuNP aggregations due to 
cleavage and release of ssDNA product that bind to AuNP and prevent aggregation. To 
quench this Pb2+ induced cleavage reaction with EDTA for label-free colorimetric sensing, 
6 mM EDTA solution was added to the above solution after 1 min. of reaction, together 
with Tris and NaCl. An extinction ratio of ~2.5 was observed, indicating less AuNP 
aggregations than the reaction without Pb2+ (due to the 1 min. reaction with Pb2+, but 
much more than the 6 min. reaction with Pb2+). This result is attributable to EDTA 
induced quenching of the cleavage reaction. Furthermore, to make sure that the EDTA 
quenching was complete at such a concentration and no further lead induced reaction 
occurred afterwards, a control experiment was carried out to extend the interval between 
EDTA quenching of the reaction and AuNP addition from a few seconds to 5 min.; little 
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difference in the extinction ratio was observed between the two time intervals, suggesting 
there was no further lead induced cleavage reaction. Together these results indicate that 
the added EDTA solution could quench the reaction very effectively and timely. As Pb2+ 
induced DNA cleavage reaction does not happen any more after quenching, and the color 
of the mixture solution after addition of AuNP is also stable (no observable change in 15 
min.), the color change of AuNP can be observed by naked eye and compared directly to 
the concentration of target metal ions. 
Since EDTA contains charges, amines and carboxylic acids, which might interact 
with AuNPs, We investigated its effects on AuNP aggregation in the absence of DNA, 
and found that no AuNP aggregation was observed when up to 20 mM EDTA was added. 
Since 6 mM was added to the sensor solution for the final concentration of 4 mM, its 
effect on AuNP aggregations and thus color changes is negligible in comparison with 100 
mM NaCl added in the sensor solution. 
In order to determine the sensitivity of sensor, the DNAzyme complex formed in 10 
mM Tris buffer pH 7.2 with 100 mM NaCl was treated with various concentrations of 
lead and the cleavage reaction is quenched by adding EDTA solution at 6 mins point 
followed by addition of Au colloids for detection. Plasmon resonance peak shift of 
AuNPs was monitored by UV-vis and the extinction ratio between 522 nm and 700 nm 
was compared at different lead concentrations (Figure 2.3a). The detection limit was 
determined to be 3 nM, which is even lower than the detection limit of catalytic beacon-
based fluorescent sensor for lead (10 nM) and the MCL for lead (72 nM) defined by 
EPA.[13] The calibration curve saturated at 1 µM, which means that the dynamic range is 
from 3 nM to 1 µM with linear fitting range from 3 nM to 100 nM. The color change is 
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shown in Figure 2.3b. Since the lead dependent cleavage reaction was made in 
concentrated DNAzyme solution at pH 7.2 and transferred into AuNP solution, the 
cleavage reaction was very efficient and as only a small amount of DNA can still induce 
color change, the method can be very sensitive. To investigate the selectivity of this 
sensor, several metal ions including lead were added to sensor solution separately and 
their color changes are shown in Figure 2.3c. The result clearly shows that the sensor 
responses only in the presence of Pb2+, demonstrating that the sensor has good selectivity. 
A tunable dynamic range is important for practical applications as the desirable 
concentrations for the same target analyte can be different for various applications. For 
example, while the maximum contamination level for lead in drinking water is 72 nM, 
the lead level extracted from paint is in µM range,  and the level for lead in dusts is even 
more diverse depending on locations where the dusts are collected. Therefore a sensor 
with a dynamic range of 3 nM to 1 µM, while excellent for detection of lead in water, 
would not be ideal for detecting lead in paints or dusts. In order to tune the dynamic 
range and fit the sensor for different detection requirements, we investigated if pH can be 
used as a tunable parameter. Since biochemical study of the DNAzyme suggested that the 
kinetics of the reaction is slower at lower pH [36], we hypothesize that a higher 
concentration of Pb2+ may be needed to achieve the same extent of cleavage at low pH in 
the same unit time as at high pH. To test this hypothesis, we carried out the same label-
free colorimetric sensing as shown above except that the reaction was at pH 5.5 using 10 
mM 2-(N-morpholino)ethanesulfonic acid (MES) buffer. As shown in Figure 2.4, the 
dynamic range was shifted to 120 nM - 20 µM. Since both citrate and DNA contain 
functional groups that can be protonated, pH could affect the AuNP aggregation 
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dynamics, as reported previously [37]. Given that a calibration curve can be obtained at 
each specific pHs, accurate quantification of lead can be achieved at different pH by our 
sensor system. Furthermore, since lead dependent cleavage reaction can be quenched by 
addition of EDTA, it is also possible to further tune the dynamic range simply by 
changing the reaction time. This dynamic range tunability allows accurate quantification 
of analytes over different concentration ranges without the need to develop new sensors. 
2.2.2    Label-Free Colorimetric Uranyl Sensor 
The scheme of the label-free method is illustrated in Figure 2.5. UO22+ cleavable 
Substrate-DNAzyme complex was first prepared separately and reacted with UO22+. In 
the presence of UO22+, substrate strand (39S) is cleaved and 10-mer ssDNA should be 
released, which can then be adsorbed onto AuNP to prevent the salt-induced aggregation. 
In the absence of UO22+, however, the complex should remain and will not interact with 
AuNPs, resulting in AuNP aggregation due to the screening effect from NaCl and thus 
inducing color change of AuNPs from red to blue.    
In most of the reported label-free colorimetric sensors, ssDNA is absorbed onto 
AuNPs surface first and salt is added afterwards to induce the color change. A 24-mer 
dsDNA is reported to be able to remain hybridized for about 10 minutes in the Au colloid 
without NaCl while introduction of a single mismatch will decrease the stability of 
dsDNA and thus cause dehybridization in 5 min. DNAzymes, however, contain a large 
number of mismatches between the enzyme strand and substrate strand (Figure 2.5a), 
which causes dehybridization of the complex in seconds in the absence of NaCl. So 
unlike previously reported studies, DNA solution has to be added to AuNP solution 
together with sufficient amount of NaCl that can keep complex hybridized. In this case, 
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since the stability of AuNPs is determined by the competition between the ssDNA 
absorption on AuNP and electrostatic screening caused by NaCl which are introduced to 
AuNP solution at the same time, it is important to investigate whether DNA can still be 
absorbed on AuNPs effectively and protect them in the presence of NaCl.  
In order to investigate whether AuNPs can still be stabilized by ssDNA in the 
presence of NaCl, a 10 mer ssDNA was chosen as a model DNA strand to simulate the 
protection effect of the cleaved ssDNA from the substrate. Different amount of 10-mer 
ssDNA in 300 mM NaCl, 10 mM MES (pH 5.5) was added to AuNP solution and their 
color change was monitored based on the extinction ratio between 522 nm and 700 nm 
(see Figure 2.6a). As the extinction ratio of label-free sensor is only in the range of 1 to 5, 
there is no significant error induced by low absorption at 700 nm and as absorption at 522 
nm and 700 nm are equally weighted, this method is preferred instead of integration ratio 
method used above. 
 The concentration of NaCl in the final solution was 0.1 M. The extinction ratio 
(Abs522nm/Abs700nm) of AuNPs was linearly dependent on the amount of DNA at 0.1 M 
NaCl, suggesting that ssDNA can still stabilize AuNPs even though it is introduced to 
AuNP solution with NaCl at the same time. The extinction ratio reached 11 when ~ 1000 
equiv. of ssDNA was used per one AuNP. However, since extinction ratio change from 1 
to 5 is sufficient for detection, 500 equiv. of ssDNA per one AuNP was used in the 
following experiments because it could stabilize the Au NPs and make the color change 
from blue to red.  
Hybridization of substrate and enzyme strand was carried out at pH 5.5, where UO22+ 
dependent cleavage reaction occurs most efficiently.[15] Since the UO22+ dependent 
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cleavage reaction happens very quickly in several minutes, if the reaction cannot be 
effectively stopped during the measurements, significant error could occur, which makes 
the sensor impractical. Since biochemical investigation of this uranyl specific DNAzyme 
showed that its activity is highly pH dependent, having the activity peak occurring around 
pH 5.5 with dramatic decrease of activity at either higher or lower pH, we hypothesized 
that the DNAzyme might not be active at pH 8. So to quench the reaction, small amount 
of concentrated TRIS (2-Amino-2-(hydroxymethyl)propane-1,3-diol) base solution was 
added to the solution containing complex to shift pH from 5.5 to around 8.  
UV-vis spectroscopy was used to monitor the quenching effect of uranyl induced 
cleavage reaction using TRIS base solution (see Figure 2.7a). When the complex was 
added to AuNP solution without addition of uranyl, an extinction ratio of ~1.4 was 
observed, suggesting AuNP aggregation. On the other hand, when the complex was 
treated with 500 nM uranyl for 6 minutes, an extinction ratio of ~4 was observed, 
indicating AuNP dispersion. When the reaction was quenched by adding TRIS base 
solution after 1 minute of uranyl induced reaction followed by addition to AuNP solution, 
an extinction ratio of ~2.2 was observed, suggesting partial AuNPs dispersion. This 
means that the uranyl induced cleavage ration has been stopped by quenching reaction. 
To make sure that quenching reaction was complete and no further uranyl induced 
reaction happened afterwards, control experiment was performed which has 5 minutes 
interval between uranyl induced cleavage reaction (1 minute) and mixture in AuNP 
solution. It is shown that even though there is 5 minutes of interval between quenching 
and mixture with AuNP, there is no further uranyl induced cleavage reaction. This result 
indicates the TRIS base solution could quench the reaction very effectively and in time. 
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Furthermore, it turned out that TRIS also helps to aggregate AuNPs more effectively and 
thus helps to lower the background signal (Figure 2.7b). 
In order to check the sensitivity of UO22+ dependent label-free colorimetric sensor, 
plasmon resonance peak shift of AuNPs was monitored by UV-vis and the extinction ratio 
between 522 nm and 700 nm was compared at various UO22+ concentrations (Figure 
2.8a). The detection limit was determined to be 1 nM and the linear fitting range was 
from 1 nM to 100 nM. The calibration curve saturated at 700 nM, which is similar to 
fluorescence based uranyl sensor.[15] Since the UO22+ dependent cleavage reaction was 
made in concentrated DNAzyme solution in optimized conditions, followed by the 
addition of AuNP, UO22+ dependent cleavage reaction can happen very efficiently, which 
helps to keep high sensitivity. Furthermore, as reacted DNA solution containing NaCl is 
added to AuNP solution after quenching, the color of AuNP solution change occurs 
immediately and does not change much afterwards. The image of color change is shown 
in Figure 2.8b. Since UO22+ dependent cleavage reaction can easily be quenched by 
shifting pH from 5.5 to 8, it might be possible to tune the dynamic range simply by 
changing the reaction time.  
To investigate the selectivity of label-free sensor, several metal ions including uranyl 
were added to sensor solution and their color changes are shown in Figure 2.8c. The 
result clearly shows that the sensor only have response in the existence of uranyl, 
showing that the sensor has excellent selectivity.  
2.3    Conclusions 
In summary, we designed a fast and simple label-free colorimetric sensor for on-site 
and real time lead detection based on DNAzyme. The sensor has the detection limit of 3 
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nM, which is much lower than the EPA limit of lead ions in drinking water. The dynamic 
range of the sensor can be tuned simply by adjusting the pH. This colorimetric sensing 
method provides a general platform for sensing other metal ions using DNAzymes, as 
well as a broad range of other non-metal targets using aptamers and aptazymes. The 
uranyl sensing was also demonstrated with the same methodology. The uranyl sensor 
could detect uranyl as low as 1 nM, lower than the maximum contamination level defined 
by the US EPA (130 nM). In addition, this sensor has excellent selectivity over other 
metal ions, and operates at room temperature. 
2.4    Experimental 
Gold nanoparticles (13 nm in diameter) were prepared by sodium citrate reduction of 
HAuCl4 following a procedure reported previously [38]. All HPLC-purified DNA 
samples were purchased from Integrated DNA Technologies Inc. UV-Vis 
spectrophotometer (Hewlett–Packard 8453) was used to check the exact concentration of 
DNAzyme strand 17E(8) and substrate strand (8)17S strands. This process is very 
important because very small number of unhybridized ssDNA can still stabilize AuNP 
and increase the background. Based on the measured concentration, (8)17S (4 µL, 100 
µM) strand and equal amount of 17E(8) strand were mixed in 100 µL buffer solution 
containing 100 mM NaCl and 10 mM Tris-HCl (Tris=2-amino-2-hydroxymethyl-1,3-
propanediol), pH 7.2 in 0.6 mL micro centrifuge tube. After vortex, sample was heated up 
to 80 oC and cooled down to room temperature in one hour and thirty minutes. The 
hybridization solution volume can be increased according to the experiment. After that, 
107 µL of solution containing hybridized substrate and enzyme strand was transferred 
into a new tube and cleaved by lead for 6 minutes.  In order to quench lead dependent 
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cleavage reaction, a mixture solution (16 µL) of EDTA (Disodium dihydrogen 
ethylenediaminetetraacetate) solution (3.72 µL of 200 mM), NaCl solution (5 µL 2 M), 
Tris solution (0.2 µL 0.5 M) and Millipore water (7.08 µL) was added to the same tube 
followed by vortexing. AuNPs (76 µL 10 nM) was transferred to the tube containing 
DNA immediately. The solution will show color change corresponding to the 
concentration of lead in the solution. The color change can be monitored by naked eye or 
by plasmon peak shift in UV-vis spectra. To show the tunable dynamic detection range of 
the sensor, the same amount of DNAzyme complex is formed in MES (2-(N-
morpholino)ethanesulfonic acid) buffer solution (100 mM NaCl 10 mM MES pH 5.5) 
and a mixture solution (16 µL) of EDTA solution (3.72 µL, 200 mM), NaCl solution (5 
µL 2 M), Tris base solution (1.2 µL 0.5 M), and Millipore water (6.08 µL) was added to 
quench the reaction.  
     To investigate the the stabilization of AuNPs by ssDNA in the presence of NaCl, 
different amount (from 0 µL to 8 µL) of 10 mer DNA (5’-CAT GCT ACT G-3’, 100 µM) 
was added into 70 µL 300 mM NaCl, 10 mM MES buffer solution (pH 5.5) in 0.6 mL 
microcentrifuge tube. A mixture of 1.19 µL of 500 mM TRIS base solution and 
appropriate amount of Millipore water was added to make the total volume as 134 µL. 
After vortex, 76 µL 10 nM Au nanoparticles (13 nm) were added and the surface plasma 
absorption was collected by UV-vis spectra. 
For uranyl sensor preparation and uranyl detection, UV-Vis was used to check the 
exact concentration of 39E and 39S strands. This process is very important because very 
small number of unhybridized ssDNA can still stabilize AuNP and increase the 
background.  Based on the measured concentration, 4 µL of 100 µM 39S strand and equal 
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amount of 39E strand were mixed in 70 µL 300 mM NaCl, 10 mM MES buffer solution 
(pH 5.5) in 0.6 mL microcentrifuge tube. After vortex, sample was heated up to 80 oC and 
cooled down to room temperature in one hour and a half. Hybridization solution can be 
multiplied by preparing in large scale in volume. After that, 77 µL of solution containing 
hybridized DNAzyme and enzyme strand was transferred into a new tube and cleaved by 
uranyl for 6 minutes.  In order to quench UO22+ dependent cleavage reaction, a mixture of 
1.19 µL of 500 mM TRIS base solution and 56 µL Millipore water  was added to the 
same tube and tube is vortexed quickly which in result shifts the pH from 5.5 to 8. 76 µL 
10 nM Au nanoparticles (13 nm) was transferred to the tube containing DNA. The 
solution will show color change corresponding to the concentration of uranyl in the 
solution. The color change can be monitored by eye or by plasmon peak shift in UV-vis 
spectra 
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2.6    Figures 
 
 
 
 
 
Figure 2.1 Left: Secondary structure of the DNAzyme complex which consists of an 
enzyme strand (17E(8)) and a substrate strand ((8)17S). After lead induced cleavage, 10 
mer ssDNA is released which can absorb on AuNP surface. Right: Schematic of label free 
colorimetric sensor. The lead treated/untreated complex and NaCl were mixed with 
AuNPs. The AuNP aggregate in the absence of lead but remain dispersed in the presence 
of lead.  
 
 
 
 
 
 
 
 
 
 
 
 
 
46 
 
 
 
 
 
 
 
 
Figure 2.2  The quenching effect of lead induced cleavage reaction by the addition of 
EDTA. AuNP remains aggregated in the absence of lead (black curve) but disassembles 
after 6 minutes reaction with 500 nM lead (red curve). AuNPs show less amount of 
disassembly after 1 minute of reaction with 500 nM lead and quenching (blue curve). No 
further disassembly of AuNP aggregates after 5 minutes of holding between quenching 
and AuNP addition (green curve) shows that quenching efficiency is effective and timely. 
The inset shows the absorption ratio between 522 nm and 700 nm of each corresponding 
AuNPs solution. 
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Figure 2.3 (a) Calibration curve of label free colorimetric sensor.  The complex is formed 
in pH 7.2 Tris buffer and then treated with different lead concentrations for 6 min. (b) The 
color change of AuNP solution with different concentration of lead in the solution at pH 
7.2. (c) The color change of AuNP solution with 1 µM of various metal ions including 
lead at pH 7.2. Metal ion treatment reaction is made for 6 min. 
 
 
 
 
 
 
 
 
 
48 
 
 
 
 
 
 
Figure 2.4 (a) Calibration curve of label free colorimetric sensor at pH 5.5.  The complex 
is formed in pH 5.5 MES buffer and then treated with different lead concentrations for 6 
min. (b) The color change of AuNP solution with different concentration of lead in the 
solution at pH 5.5. 
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Figure 2.5 (A) The design and sequence of the label free sensor (complex). After UO22+ 
induced cleavage, 10 mer ssDNA is released which absorbs on AuNP surface. (B) AuNP 
reaction in addition of UO22+ treated/untreated complex and additional NaCl. AuNPs 
aggregate in the absence of UO22+ but remain dispersed in its presence.   
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Figure 2.6 (A) Extinction ratio dependence on the number of 10 mer ssDNA per 13 nm 
AuNP. The stability of AuNP increases as more ssDNA exist per one AuNP. (B) The 
color change of AuNPs with different ratio of DNA per AuNP.   
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Figure 2.7 (A) The quenching efficiency of label free sensor by shifting the pH of the 
solution from 5.5 to 8. AuNPs are aggregated in the absence of UO22+ (blue curve) but 
remains dispersed after 6 minutes reaction with 2 µM UO22+ (red curve). AuNPs show 
less amount of disassembly after 1 minute of reaction with 2 µM UO22+ and quenching 
(purple curve). No further disassembly of AuNP aggregates after 5 minutes of holding in 
between quenching and AuNP addition (green curve) shows that quenching efficiency is 
very high and quick. The color change of each sample is also shown in the inset. (B) The 
color change difference before (upper) and after (lower) addition of TRIS base solution. 
Concentration of uranyl is 2 µM. 
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Figure 2.8 (A) Calibration curve of label free sensor. Sensor has detection limit of 1 nM. 
(B) The color change of AuNP solution with different concentration of UO22+ in the 
solution. (C) The color change of AuNP solution with various metal ions including UO22+ 
(2 µM). 
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CHAPTER 3 
"TURN-ON" FLUORESCENT SENSOR FOR MERCURY BASED 
ON STRUCTURE-SWITCHING DNA 
 
Significant components of this chapter were published as “Highly Sensitive “Turn-on” 
Fluorescent Sensor for Hg2+ in Aqueous Solution based on Structure-Switching DNA”, 
Zidong Wang, Jung Heon Lee and Yi Lu, Chemical Communications  2008, 6005-6007. 
3.1    Introduction 
     Mercury is a highly toxic and widespread pollutant in the environment. Mercury can 
be a source of environmental contamination when present in by-products of burning coal, 
mine tailings and wastes from chlorine-alkali industries [1-3]. These contaminations can 
cause a number of severe health effects such as brain damage, kidney failure, and various 
cognitive and motion disorders [4]. Therefore, sensitive and selective mercury detection 
in the environment and food industrials is highly demanded. Towards this goal, many 
mercury sensors based on small fluorescent organic molecules [5-12], proteins [13-15], 
oligonucleotides [16,17], genetically engineered cells [18], conjugated polymers [19], 
foldamers [20,21], membranes [22,23], electrodes [24,25], and nanomaterials [26-31] 
have been reported. Despite the progress, few sensors show enough sensitivity and 
selectivity for detection of mercury in aqueous solution. Those sensors that could meet 
the requirement remain complicated to design and operate, or are “turn-off” sensors that 
are vulnerable to interferences, making it difficult for facile on-site and real-time 
detection and quantification. In particular, an interesting example is environmental-
monitoring applications, such as mercury detection in drinking water, in which a 
detection limit below 10 nM (the maximum contamination level defined by U.S. 
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Environmental Protection Agency (EPA)) is required. However, only a few reported 
sensors can reach this sensitivity [12,13,18,27,28]. Therefore, a simple sensor with high 
sensitivity and selectivity for facile on-site and real-time mercury detection is still needed. 
      Oligonucleotides provide an attractive methodology for mercury sensing. Ono and 
co-workers reported that Hg2+ has a unique property to bind specifically to two DNA 
thymine bases (T) and stabilize T-T mismatches in a DNA duplex, and demonstrated a 
fluorescent sensor for Hg2+ ion detection [14,32]. In their sensor design, one single-
stranded thymine-rich DNA strand was labeled with a fluorophore and quencher at each 
end. In the presence of Hg2+ ions, the two ends of DNA would become close to each 
other through thymine-Hg-thymine base pair formation, resulting in fluorescence 
decrease due to an enhanced quenching effect between the fluorophore and quencher. A 
detection limit of 40 nM was reported. As other quenchers or external environmental 
species might also cause decrease of fluorescence and give a “false positive” results, the 
“turn-on” sensor is preferred. This Hg2+ ions induced stabilization effect on T-T 
mismatches have also been applied to design colorimetric sensors by using DNA and 
gold nanoparticles in chemically labeled [26, 30] or label free methods [28,29,31]. 
Recently, our group reported a highly sensitive “turn-on” mercury sensor by introducing 
thymine-thymine mismatches in the stem region of the uranium-specific DNAzyme [33]. 
Hg2+ enhanced the DNAzyme activity through allosteric interactions, and the detection 
limit as low as 2.4 nM was achieved using  the catalytic beacon method [34-36].  Being 
highly sensitive and selective, however, this sensor required the use of 1 µM UO22+ for 
DNAzyme activity. This drawback gave us the motivation to find an alternative method 
for mercury sensing, with comparable sensitivity but without the need to use other toxic 
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metal ions as co-factors. In this chapter, we report a simple design of highly sensitive and 
selective “turn-on” fluorescent mercury sensor based on structure-switching DNA. The 
sensing process can be completed in less than 5 minutes, with a detection limit of 3.2 nM 
(0.6 ppb). Furthermore, mercury detection in pond water was performed to demonstrate 
the practical use of this sensor.  
3.2    Results and Discussions 
     Fluorescent sensors based on structural switching aptamer have been developed to 
detect a number of non-metal ions such as adenosine-5'-triphosphate (ATP),[37-39] cocaine 
[40], thrombin [41], and platelet-derived growth factor (PDGF) [42]. Here we report a 
simple design that is not based on aptamers, but based on structure-switching of DNA 
containing thymine-thymine mismatches to detect metal ions. The design of the structure 
switching mercury sensor is shown in Figure 3.1. The sensor system contains a 33 mer 
DNA (Strand A) with a FAM labeled at 5' end and a 10 mer DNA (strand B) with a Black 
Hole Quencher-1 labeled at 3' end (Figure 3.1a). Strand A can be divided into three 
segments. The first segment (in red) together with the second segment (in purple) 
hybridize with strand B. Five self-complementary base pairs (bps) separated by seven 
thymine-thymine mismatches are introduced to the second and third segment (in green). 
In the absence of Hg2+, as DNA strands A and B are hybridized the fluorophore and 
quencher are close to each other, resulting in fluorescence quenching due to fluorescence 
resonance energy transfer. However, in the presence of Hg2+, the formation of thymine-
Hg-thymine base pairs will induce the folding of last two segments (in purple and green) 
into hairpin structure (Figure 3.1b). As a result, only five base pairs remain between 
strand A and B, which is not long enough to keep both strands stable at 100 mM salt 
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concentration at room temperature. Therefore, strand B will be released from strand A, 
“turning-on” signal from quenched fluorophore. The fluorescence spectra of the sensor 
before and after the addition of 1 µM Hg2+ is shown in Figure 3.1b. About 8 times of 
fluorescence increase at 518 nm peak was observed. The quantum yield of the FAM 
conjugated to the DNA sensor is estimated to be ~66% (see experimental section for 
details) and little quenching of FAM fluorescence was observed upon addition of 1 μM 
Hg2+. 
     To study the Hg2+ induced structure-switching of the sensor system, the sensor 
solutions were treated with Hg2+ ions of various concentrations, and the kinetics of the 
fluorescence increase at 518 nm was monitored. As shown in Figure 3.2a, higher 
concentrations of Hg2+ ions resulted in more fluorescence emission enhancement. To 
quantify the Hg2+ ions, the fluorescence increase in the first three minutes after addition 
of different concentrations of Hg2+ ions was collected and compared. The calibration 
curve (Figure 3.2b) had a sigmoid shape and was fit to a Hill plot with a Hill coefficient 
of 2.4. This results indicate that the Hg2+ binding to the DNA strand A is a positively 
cooperative process, and the binding of one Hg2+ facilitates the binding of another Hg2+ 
onto the same strand. Although there are seven binding sites in strand A, the release of 
strand B happens after binding to approximately 2.4 Hg2+ ions. Through fitting 
calibration curve in Figure 3.2b to a Hill plot, a dissociation constant of 471 nM was 
obtained (see supporting information). This sensor has a detection limit of 3.2 nM based 
on 3α/slope, which is lower than U.S. EPA defined the toxic level of Hg2+ in drinking 
water. The calibration saturated at 800 nM, meaning that the detection range of this 
sensor is from 3 nM to 800 nM. 
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    To determine the selectivity of the sensor, 1 μM of each of metal ion was individually 
added to the sensor solution and the fluorescence increase was monitored.  As shown in 
Figure 3.3 (grey bars), among the metal ions tested (Mg2+, Ca2+, Mn2+, Co2+, Ni2+, Cu2+, 
Pb2+, Zn2+, Cd2+, and Hg2+), only Hg2+ results in significant fluorescence signal increase. 
In addition, 1 μM of Hg2+ and 1 μM of another metal ion were added together to the 
sensor solution. The fluorescence response of the Hg2+-M2+ pair (Figure 3.3 black bar) 
suggests excellent selectivity of Hg2+ over other metal ions as well. 
     With excellent sensitivity and selectivity in buffer solution, our sensor was further 
tested with pond water collected on the University of Illinois campus. Using standard 
addition method, Hg2+ ions were added into the sensor solution in the pond water to the 
final concentration of 200 nM and the 207% fluorescence enhancement was observed 
(Figure 3.4). This result is similar to the fluorescence enhancement (231%) observed for 
the sensor in pure water in the presence of 200 nM Hg2+, indicating that our sensor is able 
to detect mercury in pond water with little interference.  
3.3    Conclusions 
     In summary, we designed a highly sensitive and selective fluorescent sensor for 
mercury based on structure-switching DNA. Hg2+ induced the folding of fluorophore 
labeled DNA strand by thymine-Hg-thymine formation, which released the hybridized 
DNA strand with the quencher and increased the fluorescence. This sensor has the 
detection limit of 3.2 nM, which is lower than the EPA limit of Hg2+ ions in drinking 
water. This simple design of highly sensitive and selective sensor makes it possible for 
on-site and real-time mercury detection in environmental and other applications.  
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3.4    Experimental 
All oligonucleotides were purchased from Integrated DNA Technologies (Coralville, 
IA) and were purified by HPLC. To prepare the sensor solution, 100 nM Strand A (5'-
FAM-TCATGTTTGTTTGTTGGCCCCCCTTCTTTCTTA-3') and 400 nM Strand B (5'-
ACAAACATGA-BHQ1-3') were added to 100 mM NaNO3 and 10 mM MOPS (3-(N-
morpholino)propanesulfonic acid), pH 7.2 buffer solution and kept at room temperature 
for 1 h to hybridize two strands. Then 500 µL of the sensor solution prepared above was 
transferred to a cuvette. The cuvette was placed in a fluorimeter (FluoroMax-P; Horiba 
Jobin Yvon, Edison, NJ) at 25 oC. The excitation was set at 491 nM and the emission at 
518 nm was monitored. After the initial reading, the cuvette was taken out, and a small 
volume of concentrated Hg2+ solution was added. After vortexing, the cuvette was put 
back into the fluorimeter to continue the kinetics measurement. 
To calculate the quantum yield of the fluorescent sensor, the fluorescence intensity of 
the free FAM and FAM attached to DNA strand A at the same concentration (100 nM) 
and under the same pH (7.2) was measured and compared. As shown in Figure 3.5, about 
88% of the FAM fluorescence intensity was retained after DNA conjugation to FAM. 
Since the free FAM in aqueous solution at pH 7.2 has the fluorescence quantum yield of 
75% (see http://www.promega.com/geneticidproc/ussymp8proc/21.html), we estimated 
the fluorescence quantum yield of FAM after DNA conjugation to be ~ 66%.  
     To determine the selectivity of the sensor, 1 µM of various metal ions (M2+) including 
Mg2+, Ca2+, Mn2+, Co2+, Ni2+, Cu2+, Pb2+, Zn2+, Cd2+, and Hg2+ was added to the sensor 
solution individually and the fluorescence increase was monitored using a fluorimeter. In 
addition, 1 µM Hg2+ and 1 µM one of other metal ions (Hg2+-M2+ pair) were added 
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together to the sensor solution and the fluorescence response was recorded as well.  
      To demonstrate mercury detection in real samples, a pond water sample was collected 
from the University of Illinois campus and filtered through 0.22 µm membrane before 
testment. 180 µL of the pond water was mixed with concentrated buffer and Hg2+ 
solution to make the final volume of 200 µL containing  500 nM Hg2+, 100 mM NaNO3 
and 10 mM MOPS at pH 7.2.  300 µL concentrated sensor solution was then mixed with 
200 µL of previously prepared pond water and the fluorescence response was monitored 
by fluorimeter. The final mixture contained 200 nM Hg2+ and 100 nM hybrdized DNA. 
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3.6    Figures 
 
 
Figure 3.1 (a) Schematic of the “Turn-on” fluorescent mercury sensor design. 33 mer 
DNA strand (strand A) with a FAM attached at 5' end was hybridized with a 10 mer DNA 
(strand B) with a Black Hole Quencher 1 attached at 3' end, resulting in fluorescence 
quenching. In the presence of Hg2+, the folding of strand A will release the strand B and 
increase the fluorescence. (b) Fluorescence spectra of the sensor in the absence of and 
after the addition of 1 µM Hg2+ ions for 10 min. 
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Figure 3.2 (a) Kinetics of the fluorescence increase in the presence of varying 
concentrations of Hg2+ ions. (b) Calibration curve of “Turn-on” fluorescent mercury 
sensor (fitted to Hill plot with a Hill coefficient of 2.4). The fluorescence increase was 
calculated from the first three minutes after addition of Hg2+ ions. Inset: Sensor responses 
at low Hg2+ ion concentrations. 
 
 
 
 
 
 
64 
 
 
 
 
 
Figure 3.3 Selectivity of the Hg2+ sensor. Gray bars represent fluorescence responses 8 
min. after addition of 1 µM other metal ion (from left to right: Hg2+, Mg2+, Ca2+, Mn2+, 
Co2+, Ni2+, Cu2+, Pb2+, Zn2+, Cd2+).  Black bars represent fluorescence responses after 
addition of 1 µM of Hg2+ together with 1 µM of one other metal ion. 
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Figure 3.4 Fluorescence spectra corresponding to the analysis of Hg2+ in pond water: 
pond water containing no Hg2+ (black triangle) or 500 nM Hg2+ (red circle) were added 
into the sensor solution, the dilution factor was 2.8. Inset of the figure shows the kinetics 
of the fluorescence increase after addition of the pond water. 
 
 
 
 
Figure 3.5 Fluorescence spectra of free FAM (black line) and FAM attached to DNA 
strand A (red line) at same concentration and buffer conditions (100 nM, pH 7.2 MOPS 
buffer) 
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CHAPTER 4 
DNA MEDIATED SYNTHESIS AND CELLULAR UPTAKE OF 
HIGHLY STABLE AND FUNCTIONAL GOLD NANOFLOWERS 
 
Significant components of this chapter were published as“DNA Mediated Control of 
Metal Nanoparticle Shape: One-Pot Synthesis and Cellular uptake of Highly Stable and 
Functional Gold Nanoflowers”, Zidong Wang, Jieqian Zhang, Jonathan M. Ekman, Paul J. 
A. Kenis and Yi Lu, Nano Letters 2010, 10, 1886-1891. 
4.1    Introduction 
Over the past decade, growing interest and research investigations have been focused 
on the metal nanoparticles due to their unique physicochemical properties and potential 
applications in selective catalysis, sensitive sensing and enhanced imaging [1-9].  The 
properties of a metal nanoparticle are greatly affected by its size, shape, and crystal 
structure, and therefore it is possible to tune the properties of the particle by controlling 
its growth process. Towards shape-controlled nanoparticle synthesis, molecular capping 
agents such as organic surfactants and polymers have been used to direct nanocyrstal 
growth in a face selective fashion [8,9]. Despite tremendous progresses made, the 
mechanism of the shape control is not well understood, in part due to the difficulty in 
defining structures and conformations of these surfactants and polymers in solution and 
in systematic variation of functional groups. DNA is a well known biopolymer with more 
defined structure and conformation in solution and unique programmable nature to tune 
its functional properties [10-13]. Because of these advantages, DNA has been used as 
template to position nanoparticles through DNA metallization [14-15], or nanoparticle 
attachment [16-21], or to control the sizes, and the photo-luminescent property of 
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quantum dots [22-28]. However, in contrast to proteins or peptides [29-32], DNA has 
been much less explored to control the shape or morphology of metal nanoparticles, and, 
therefore the promise of this field remains to be fully realized. Such an investigation may 
result in new nanoparticles with new shapes and offer deeper insights into mechanisms of 
shape control. In this chapter, we demonstrate a new method to use DNA for modulating 
the shape and thus the optical properties of gold nanoparticles. Systematic variations of 
the DNA sequences offer mechanistic insights into the morphology control. We also show 
that DNA in such nanoparticles maintains its bioactivity, allowing programmable 
assembly of new nanostructures. In addition, the cell uptake ability and light scattering 
property of the flower-shaped nanoparticles are also demonstrated. 
4.2    Results and Discussions 
Single strand DNA (ssDNA) has been found to adsorb on citrated coated gold 
nanospheres (AuNSs) in a sequence dependent manner [33]. Deoxynucleosides dA, dC, 
dG have shown much higher binding affinity to gold surfaces than deoxynucleoside dT 
[34]. However, the effect of different DNA sequences on gold nanoparticle morphology 
during crystal growth has not been investigated. To investigate this effect, we chose three 
types of 30 mer DNAs consisting of poly A, poly C, poly T (designated as A30, C30, T30) 
and 20 nm citrate coated AuNSs as the seeds for nanoparticle growth. Hydroxylamine 
(NH2OH) has been shown to perform the reduction of hydrogen tetrachloroaurate(III) 
(HAuCl4) catalyzed by the gold surface [35], and thus is chosen as the reducing agent in 
this work. In a typical synthesis, AuNS (0.5 nM) were first incubated with DNA (1 µM) 
for 15 min to allow adsorption of DNA onto AuNS followed by addition of 20 mM 
NH2OH. HAuCl4 (167 µM) was then introduced and the mixture was rigorously vortexed 
68 
 
to facilitate the reduction. Surprisingly, nanoparticle solutions synthesized in the presence 
of A30 or C30 were blue colored, while the nanoparticle solution synthesized with T30 
was red colored (Figure 4.1). The resultant solutions were stable for days without 
showing any nanoparticle aggregation or color change. 
To find out the morphology of the nanoparticles prepared with different DNA 
sequences, transmission electron microscopy (TEM) was employed to investigate each of 
the resulted nanoparticle solutions. Interestingly, those particles synthesized with A30 or 
C30 are flower shaped (designated as AuNF_A30 and AuNF_C30) (Figure 4.2a, 2b), 
while particles synthesized with T30 are spherical. (AuNP_T30) (Figure 4.2c). The 
flower-shaped gold nanoparticles have a broad surface plasmon absorbance that peaks at 
600 nm (for AuNF_C30) or 630 nm (for AuNF_A30) (Figure 4.1a), which are consistent 
with the  absorbance of gold nanoflowers (AuNFs) prepared by other reported methods 
[36]. Poly G30 was not tested here due to synthetic difficulties caused by the formation of 
guanine tetraplex structure [37]. Instead, a shorter DNA consisting of 10 mer poly G was 
tested, and the resulted nanoparticles were nearly spherical (Figure 4.3). In contrast, only 
spherical nanoparticles were formed in the absence of DNA (Figure 4.2d) or in the 
presence of salt only (Figure 4.4). No metal nanoparticles were formed upon mixing 
DNA, NH2OH and HAuCl4 together, without the addition of AuNS as seeds. These 
results show that it is the DNA that mediates the morphology of the gold nanoparticles 
and the nanoparticle shape is sequence dependent.  
     To understand this DNA sequence-dependent nanoparticle formation, we first 
investigated the adsorption step of ssDNA on AuNS. Unmodified ssDNA is able to 
adsorb onto AuNS, and enhances the electrostatic repulsion between AuNSs and prevent 
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them from salt-induced aggregation [38]. We incubated same amounts of different DNA 
sequences with AuNS separately, and then challenged the AuNS solution with 0.1 M 
NaCl. As shown in Figure 4.5, aggregation of AuNS happened immediately when the T30 
DNA sequence was used for incubation with the AuNS, while AuNS incubated with A30 
or C30 sequences remained stable. Since the stability of the AuNS at the same salt 
concentration is determined by the number of DNA adsorbed on its surface [39], we can 
conclude that much fewer T30 were adsorbed onto AuNS surface compared to A30 or 
C30, which is consistent with the lower binding affinity of T30 towards the gold 
nanoparticle surface. This result, therefore, explains the differences in shaping the gold 
nanoparticle by the T30 sequence in comparison with A30 or C30. 
      To obtain deeper insight into the mechanism of shape control process of the flower-
shaped nanoparticle directed by DNA, we added varying amounts of HAuCl4 to A30, 
which was incubated with AuNS and 20 mM NH2OH to initiate the reduction. Since 
NH2OH is in large excess, the HAuCl4 should be completely reduced to gold metal in the 
presence of AuNS seeds [35]. As shown in Figure 4.6, with the addition of increasing 
amount of HAuCl4, the resultant nanoparticle evolved from sphere shape to a bud sphere 
and then into the flower-like shape. Upon further increase of the HAuCl4 amount, the 
flower shaped nanoparticle would grow even bigger.  
In order to investigate how the nanoparticle morphology could be affected by the 
number of DNA adsorbed on AuNS, varying amounts of A30 were incubated with AuNS 
and followed by reduction of equal amounts of HAuCl4. Figure 4.7 shows that the 
nanoparticle shape changed from spherical to flower-like with increasing numbers of 
DNA adsorbed on AuNS, while the size of the gold nanoparticle remained the same. 
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From the above observations, we conclude that DNA of chain-like structure was able to 
direct the deposition of the reduced gold metal on the AuNS and guide the nanoparticle 
growth from a spherical into a flower-like shape. This hypothesis was further supported 
by the control experiments which showed that when the single deoxynucleotide, 
adenosine monophosphate (AMP) was incubated with AuNS instead of a DNA chain, the 
nanoparticles obtained were nearly spherical, while a random 30 mer DNA sequence of 
mixed A, T, G, C caused the formation of flower-shaped nanoparticles (Figure 4.8). 
To further probe this DNA mediated AuNF growing process, we monitored the 
absorbance of AuNF growth solution using UV-visible spectrometer. As shown in Figure 
4.9, after initiation of the reaction for 3 seconds, the intensity of the nanoparticle 
absorbance increased significantly and the peak of the AuNSs at 520 nm broadened and 
red-shifted. With growth of the AuNS, a new absorbance peak at 630 nm from the 
resultant AuNFs appeared and the reaction completed in about 15 minutes. This time 
dependent AuNF growth process was further studied using TEM by stopping the reaction 
at the early stages of NP growth with excess mercaptopropionic acid (MPA). MPA has 
been shown to quench the NP growth effectively by forming less reactive Au(I)-MPA 
complex with gold ion [40]. As shown in Figure 4.10, both the 20 nm AuNSs and 1-3 nm 
small nanoparticles (SNPs) could be observed after initiation of the reaction at 0.5 second. 
Further control experiment showed that formation of the SNPs could be due to the 
conversion of Au(I)-MPA complex into metal particles on the TEM grid upon electron-
beam irradiation during TEM imaging (Figure 4.11). Flower-like nanoparticle 
intermediates were observed after 2 seconds of reaction in both A30 and T30 mediated 
syntheses. Interestingly, the flower-like intermediates prepared with T30 grew further into 
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nanospheres within 30 s while the intermediates prepared with A30 maintained their 
flower-like structure and stable AuNFs were produced. In the absence of DNA, the 
AuNSs grew into bigger nanospheres and no flower-like intermediate was observed. 
These results suggest that DNA adsorbed on the AuNS surface could act as template to 
mediate the formation of flower-like gold nanoparticle. The formation of the AuNF can 
be resulted from either selective deposition of the reduced gold metal on AuNS templated 
by surface bound DNA or uneven growth of the AuNS due to the binding of DNA to the 
surface. As depicted in Figure 4.12, due to the strong binding affinity of poly A or poly C 
to AuNS, a number of A30 or C30 bind tightly to AuNS and induce the inhomogeneous 
growth of AuNS, producing the flower-like nanoparticles. In contrast, fewer polyT bind 
weakly and loosely to AuNS, and it produce the flower-like intermediates only at very 
initial stage, but are not able to stabilize the flower-like structures and the spherical 
particles are eventually formed. A more detailed study on the mechanism is under way. 
Bio-functionalization of the nanomaterials is crucial because it endows the 
nanomaterials with target recognition ability, and enables their controlled assembly [41]. 
This functionalization step is not trivial and usually carried out separately as it requires 
delicate chemical modifications on the nanoparticles or the biomolecules to allow 
conjugation. Since our synthesized AuNFs are very stable in aqueous solution even in the 
presence of 0.3 M salt, we hypothesize that DNA can be attached to the nanoparticles 
during their synthesis, and act as stabilizing ligands. To determine the number of 
oligonucleotides on each AuNF, we used a fluorophore (FAM) labeled poly A30 for 
AuNF synthesis. By measuring the quantity of DNA in the supernatant after removing the 
AuNFs with centrifugation and comparing it with the initial DNA quantity used for AuNF 
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synthesis, the average number of attached oligonucleotides on each AuNF was estimated 
to be ~350. To probe the stability of the DNA attached to AuNFs, we treated the AuNFs 
solution with mercaptoethanol (ME) to a final concentration of 14 mM overnight and 
then the displaced oligonucleotides were quantified by fitting the fluorescence intensity 
of the supernatant to a standard linear calibration curve (see supporting information for a 
detailed procedure). We found out only ~110 strands were replaced by MCH and the 
majority (~240 strands) was still bound to AuNF after the treatment. Thiol-gold chemistry 
is the most used method to conjugate DNA to gold surface. Under same ME (14 mM) 
treatment, however, all of the thiolated DNA were displaced by ME from the gold surface 
[42]. Therefore, our in-situ synthesis and controlled reduction method can realize DNA 
functionalization on gold surface with high stability but no requirement for chemical 
modifications on the DNA.  
   Considering the remarkably high binding affinity of DNA to the AuNFs (higher 
than thiol-gold binding), we hypothesized that the DNA in-situ attached to AuNFs during 
reduction could be partially buried in the AuNFs. To test this hypothesis and also the 
functionality of the DNA on the AuNFs, we carried out experiments to test the melting 
point of the DNA in-situ attached on the AuNFs. AuNFs were first treated with thiolated 
PEG molecule over night to displace the weakly bound DNA and eliminate the non-
specific binding of DNA on AuNF surface [43]. Purified AuNF_A30 was hybridized with 
fluorophore (FAM) labeled Poly T30 (FAM-T30) in a buffer solution containing 10 mM 
HEPES buffer (pH 7.1) and 50 mM NaCl. A fluorimetor coupled with a temperature 
controller was used to obtain the melting curve of the DNA hybridization on AuNFs.  
Since gold nanoparticle can effectively quench the fluorescence from its surrounding 
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fluorophores, the release of the fluorophore labeled DNA from AuNFs due to DNA 
melting will result in a fluorescence increase of the nanoparticle solution. As a 
comparison, free A30 labeled with an organic quencher (Blank Hole Quencher-1) was 
hybridized with FAM-T30 in same buffer under identical condition and its melting curve 
was collected as well. As shown in Figure 4.13, the melting temperature of the DNA in-
situ attached to AuNFs (around 42 oC) was significantly lower than the free DNA (around 
50 oC). This result indicated that a small segment of DNA might be buried in the AuNFs 
during the nanoparticle growth, while the majority part of DNA exposed outside was still 
functional for DNA hybridization. 
To explore the application of these AuNFs in bio-directed nano-assembly, 
AuNF_A30 particles were first treated with thiolated PEG molecule and purified. These 
nanoparticles were then incubated with 5 nm AuNS modified with thiolated 
complementary DNA T30 (AuNS5nm_S_T30) in a ratio of 1:100 in buffer solution over 
night. TEM was then employed to assess the assembly of the nanoparticles. As shown in 
Figure 4.14, AuNF_A30 was surrounded by a number of AuNS5nm_S_T30, forming the 
satellite structure. As a comparison, when 5 nm AuNS functionalized with non-
complementary DNA A30 (AuNS5nm_S_A30) were used to incubate with AuNF_A30, 
no assembly was observed (Figure 4.14b). Additional large area TEM images containing 
multiple satellite assembled nanostructures are shown in Figure 4.15. These results 
further confirmed that the DNA molecules were not only densely functionalized to 
AuNFs in a large number, but also retained their molecule recognition properties. 
Interestingly, when AuNS_T30 were incubated with AuNS5nm_S_A30 under similar 
conditions, only a few 5 nm particles were assembled on AuNS_T30, while little 
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assembly was observed with non-complementary AuNS5nm_S_T30 (Figure 4.14 c, d). 
This observation indicates that fewer numbers of T30 were attached during synthesis, 
consistent with the fact that fewer T30 was adsorbed on AuNS compared to A30 or C30.  
We further explored the potential usage of the DNA-functionalized AuNFs as 
imaging agents and nano-carriers in cellular environment. The light scattering property of 
the AuNFs was first investigated using a Dark-field microscopy coupled to a CCD digital 
camera. The digital camera was white-balanced so that the observed colors represented 
the true color of the scattered light. The AuNFs showed bright orange color in the dark 
field image (Figure 4.16). To investigate the cell uptake of the AuNFs, 0.5 nM of AuNF 
particles synthesized with fluorophore (FAM) labeled A30 were incubated with CHO 
(Chinese hamster ovary) cells for 18 hours and then excess AuNFs were removed by 
washing the cells with PBS buffer. Dark-field light-scattering images were taken to 
visualize the AuNFs uptake by the cells [44]. As shown in Figure 4.17a, the orange dots 
representing the AuNFs were observed in the intracellular region of the cells while the 
untreated control cells appeared dim yellow to green color due to the intrinsic cellular 
scattering (Figure 4.17b). This nanoparticle cellular uptake was further confirmed by the 
3-D reconstructed confocal microscope images of the AuNF treated cells, showing that 
the AuNFs were distributed inside the cells (see supporting information Figure 4.18). We 
conclude that AuNFs entered into cells during the incubation. This cell uptake ability of 
the AuNF might be due to the high DNA loading on the AuNF surface [45] as well as the 
shape effect [46]. The cellular uptake ability and light scattering property make the 
AuNFs promising nanocarriers for drug or gene delivery and contrast agents for 
intracellular imaging.  
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4.3    Conclusions 
 In summary, we have demonstrated for the first time that DNA can be used to tune 
gold nanoparticle morphology in a sequence dependent manner, suggesting that 
biomolecules can play a significant role in shaping nanoparticles. Mechanism of 
sequence dependent shape control from spherical to flower-like nanoparticle is also 
elucidated. Furthermore, DNA functionalization with high stability was realized in-situ 
during the one-step synthesis while retaining their bio-recognition ability. We have also 
shown that the DNA functionalized nanoflowers can be readily uptaken by cells and 
visualized under dark-field microscopy. These particles could find wide applications in 
fields such as bio-inspired nano-assembly, biosensing, and biomedicine.  
4.4    Experimental 
All Oligonucleotides used in current study were purchased from Integrated DNA 
Technologies Inc. (Coralville, IA). 20 nm and 5 nm gold nanospheres (AuNSs) solutions 
were purchased from Ted Pella (Redding, CA) and purified using a centrifuge before use. 
Hydrogen tetrachloroaurate(III) hydrate (HAuCl4·3H2O, 99.999%; Sigma-Aldrich), 
Hydroxylamine hydrochloride (NH2OH·HCl, 99.9999%; Sigma-Aldrich), Sodium 
hydroxide (NaOH, 98%; Sigma-Aldrich), Adenosine 5′-monophosphate sodium salt 
(AMP, 99%; Sigma-Aldrich), Tris(2-carboxyethyl)phosphine hydrochloride (TCEP, 
C9H15O6P · HCl; Sigma-Aldrich), 2-Mercaptoethanol (ME, 98%; Sigma-Aldrich) and 
mPEG thiol (CH2O-(CH2CH2O)6-CH2CH2SH, Mw = 356.5; Polypure) were used without 
further purification. 
Synthesis of the gold nanoparticles mediated by DNA. The concentration of the 
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purified 20 nm gold nanospheres (AuNSs) was calculated based on Beer–Lambert law 
(Extinction coefficient of 20 nm AuNS at 520nm is 9.406*108 M-1cm-1) and then adjusted 
to 0.5 nM. 300 µL of 0.5 nM 20 nm AuNS solution was first incubated with 1　µM of 
DNA (poly A30, poly C30 or poly T30) for 15 min to let DNA adsorb onto the AuNS 
surface. 15 µL of 400 mM NH2OH (adjusted to pH 5 with NaOH) was then added to the 
AuNS solution. After vortexing, 2.1 µL 1% (wt/wt) HAuCl4 was introduced to AuNS 
mixture solution (HAuCl4 concentration in the mixture solution is 167 µM) to initiate the 
reduction reaction. A color change (depending on the sequence of the DNA used in the 
incubation step) was observed in seconds. The mixture solution was constantly vortexed 
for another 15 min until the reaction was complete. Based on the DNA sequences used 
and their shape, the synthesized gold nanoparticles were called AuNF_A30, AuNF_C30 
or AuNS_T30 respectively. 
Stability study of DNA adsorbed AuNS. 100 µL of 1 nM, 20 nm AuNS solutions 
were incubated with 1 µM DNA (either poly A30, poly C30, or poly T30 respectively). 
After 15 min incubation, 0.1 M NaCl was introduced to each of the solutions. UV-vis 
spectroscopy was used to record the absorbance of each solution before and after the 
addition of NaCl. 
Melting temperature measurements of the DNA in-situ attached on AuNFs. AuNFs 
were first treated with thiolated PEG (6 µM) molecule over night to displace the weakly 
bound DNA on AuNFs surface. Purified AuNF_A30 (2 nM) was hybridized with 
fluorophore (FAM) labeled Poly T30 (FAM-T30) (1 µM) in a buffer solution containing 
10 mM HEPES buffer (pH 7.1) and 50 mM NaCl. The mixture solution was heated up to 
65 oC and cooled down to room temperature in about two hours. The unhybridized 
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fluorophore strands were removed by centrifugation and the AuNFs (2 nM) were 
redispersed in the same buffer solution. A fluorimetor coupled with a temperature 
controller was used to obtain the melting curve of the DNA hybridization on AuNFs. The 
sample was kept at target temperatures for 72 seconds after the temperature was reached 
to ensure that the sample was at the stated temperature during data collection at each 
temperature. As a comparison, free A30 labeled with an organic quencher (Blank Hole 
Quencher-1) (200 nM) was hybridized with FAM-T30 (200 nM) in same buffer under 
identical condition, and its DNA melting curve was collected using the fluorimetor.   
Preparation of thiolated DNA functionalized 5 nm gold nanospheres. 
Functionalization of thiolated DNA (HS-A30 or HS-T30) on 5 nm gold nanopheres was 
carried out by following the published protocol [47] with slight alternations. Briefly, 9 µL 
of 1 mM thiolated DNA was first mixed with 1.5 µL of 10 mM TCEP solution and 1 µL 
of 500 mM acetate buffer (pH 5.2) to activate the thiolated DNA. After a 30 min reaction, 
the mixture was transferred into 3 mL of 5 nm AuNS solution (82 nM) followed by 
addition of 10 mM Tris-HCl buffer (Tris = 2-amino-2-hydroxymethyl-1,3-propanediol, 
pH 8.2). The nanoparticle solution was incubated overnight and the NaCl concentration 
was then increased to 0.1 M. The functionlized 5 nm AuNS solutions (designated as 
AuNS5nm_S_A30 or AuNS5nm_S_T30) were incubated for another 12 h before usage. To 
purify the nanospheres from the unreacted DNA, microcon (Ultracel YM-100, MWCO = 
100K; Microcon) was used by following the instructions from the manufacturer. 
Quantification of the number of oligonucleotides on AuNFs and after ME treatment. 
The AuNFs were synthesized by incubating 1 µM of Fluorophore (FAM) labeled poly 
A30 (FAM-A30) with 300 µL of 0.5 nM 20 nm AuNS solution for 15 min. 15 µL of 400 
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mM NH2OH (pH 5) and 2.1 µL 1% (wt/wt) HAuCl4 were added to the nanoparticle 
solution to initiate the AuNF formation (three samples were prepared separately). 
Meanwhile, 300　µL 1 µM FAM-A30 solutions were prepared with the addition of 15 
µL of 400 mM NH2OH (pH 5) and 2.1 µL pure water and these solutions were used as 
control solutions. After AuNF synthesis, the supernatants were collected by removing the 
nanoparticles with centrifugation and then the oligonucleotide concentrations in both the 
collected supernatants and the control solutions were quantified and compared by using 
UV absorbances at 260 nm..The DNA concentration in the supernatants was 825.6 nM, 
so the DNA attached to the AuNFs during synthesis were 174.4 nM. By dividing this 
number with the AuNS concentration (0.5 nM), we estimate that the average number of 
attached oligonucleotides on each AuNF was ~349.  
The quantification of the number of oligonucleotides on AuNFs after ME treatment 
were carried out by using a fluorescence-based method developed by Mirkin group [42]. 
The AuNFs solution (0.5 nM) were first treated with 14 mM Mercaptoethanol (ME) for 
overnight, the solutions containing the displaced oligonucleotides were separated from 
AuNFs by centrifugation. The supernatant (100 µL) were added to 400 µL 62.5 mM 
phosphate buffer (pH 7.2). PH and ionic strength of the sample and calibration standard 
solutions were kept the same for all measurements due to the sensitivity of the fluorescent 
properties of FAM to these conditions. The fluorescence maximums (520 nm) were 
measured and then converted to molar concentrations of the FAM labeled 
oligonucleotides by using a standard linear calibration curve. Standard curves were 
carried out with known concentrations of fluorophore-labeled oligonucleotides under 
same buffer pH, salt, and mercaptoethanol concentrations. The average number of 
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displaced oligonucleotides for each AuNF was obtained by dividing the calculated  
oligonucleotide molar concentration by the original AuNF concentration. 
Nano-assembly of thiolated DNA functionalized 5 nm gold nanospheres with the 
AuNF_A30 or AuNS_T30. The synthesized AuNF_A30 solution was first purified by 
centrifugation (9000 g, 5 min.) twice and then redispersed in water. 6 µM mPEG thiol 
was then reacted with the gold nanoparticle for two hours. After purification, AuNF_A30 
(0.5 nM) was mixed with (50 nM) purified AuNS5nm_S_A30 or AuNS5nm_S_T30 
respectively in the presence of 10 mM phosphate buffer (pH 8) and 0.1 M NaCl. The 
mixture solution was incubated overnight to allow nano-assembly. The same procedure 
was used to assemble AuNS_T30 with AuNS5nm_S_A30 or AuNS5nm_S_T30. After 
incubation, the nanoparticle mixture solution was centrifuged at (9000 g, 2 min.) to 
remove the free 5 nm gold nanoparticle in the supernatant and the pellet was redispersed 
in buffer solution for TEM sample preparation. 
     Cell culture and nanoparticle incubation. AuNFs were synthesized with 1 µM of 
Fluorophore (FAM) labeled poly A30 (FAM-A30) by following the procedure in section 
2. The AuNFs were purified by centrifuge before cell incubations. CHO (Chinese hamster 
ovary) cells were cultured in Dulbecco's modified eagle medium (DMEM; Cell Media 
Facility, University of Illinois at Urbana-Champaign, Urbana, IL) supplemented with 10% 
fetal bovine serum (FBS), penicillin (50 U/ml), and streptomycin (50 µg/ml), at 37 oC in 
a humidified atmosphere of 5% CO2. Cells were seeded at a density of 1 x 10^5 
cells/cm2 on 4 well Lab-Tek chambered #1 Borosilicate coverglass system (Fisher 
Scientific) and the cells were grown for 24 hours before treatment with nanoparticles. 
After 18 hours, the cells were washed with 1XPBS buffer and fresh media was added. 
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The nanoparticles (0.5 nM or 1 nM) were added to the cells and incubated for 18 hours. 
The cells were washed with 1X PBS for 5 times prior to imaging. 
Characterization Methods. Shape and size of gold nanoparticles as well as the nano-
assemblies were analyzed using a JEOL 2010LaB6 transmission electron microscope 
(TEM) operated at 200 kV. Samples were prepared by putting a drop of nanoparticle 
solutions onto a carbon-coated copper TEM grid (Ted pella). Absorbance of the 
nanoparticle solutions were characterized using UV-Vis spectrophotometry (Hewlett–
Packard 8453). Darkfield light-scattering images were acquired using a Zeiss Axiovert 
200M inverted microscope coupled with a CCD digital camera. The individual 
nanoparticle on the glass coverslip were imaged using an EC Epiplan 50X HD objective 
(NA=0.7) and the CHO cells were imaged with a Plan-Neofluar 10x objective (NA=0.3). 
Prior to acquisition, the digital camera was white-balanced using Zeiss Axiovision 
software so that colors observed in the digital images represent the true color of the 
scattered light. Z-stacks of fluorescence images of the cells were acquired using Andor 
Technology Revolution System Spinning Disk Confocal Microscope at 100X objective 
(oil immersion, excitation wavelength 488 nm). The collected z-stacks of images were 
then deconvoluted and assembled into a 3D image using Autoquant X software and 
Imaris software.  
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4.6    Figures 
 
 
Figure 4.1 (a) UV-vis spectra of the gold nanoparticle solutions prepared with the 
addition of A30 (Dark blue line), C30 (blue line), T30 (red line), or without adding DNA 
(pink line) or before reduction (light pink line). (b) Images of corresponding gold 
nanoparticles in a centrifuge tube with the addition of different DNAs or without DNA. 
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Figure 4.2 Transmission electron microscopy (TEM) images of gold nanoparticles 
prepared with (a) A30, (b) C30, (c) T30, (d) in the absence of DNA. The scale bar 
indicates 20 nm. 
 
 
Figure 4.3 TEM images of gold nanoparticles prepared with G10. The scale bar 
indicates 20 nm 
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Figure 4.4 (a). TEM images of the 20 nm gold nanoseeds (b) TEM images of the gold 
nanoparticles prepared in the absence of DNA but with the addition of 20 mM NaCl. It is 
noted that aggregation of the gold nanoparticles happened during the synthesis. 
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Figure 4.5 Stability of AuNS solutions incubated with DNA. (a) Images of A30 
adsorbed AuNS solution before (left image) and after (right image) the addition of 0.1 M 
NaCl. (b) Images of C30 adsorbed AuNS solution before (left image) and after (right 
image) the addition of 0.1 M NaCl. (c) Images of T30 adsorbed AuNS solution before 
(left image) and after (right image) the addition of 0.1 M NaCl. (d) Images of original 
AuNS solution before (left image) and after (right image) the addition of 0.1 M NaCl. (e) 
UV-vis spectra of the corresponding nanoparticle solutions with or without addition of 
NaCl. 
 
 
 
 
89 
 
 
 
 
Figure 4.6 TEM images of gold nanoparticles prepared by reducing (a) 0.05 µL, (b) 0.1 
µL, (c) 0.4 µL, (d) 0.6 µL, (e) 1.2 µL, (f) 2.0 µL of 1% HAuCl4 aqueous solution with 
excess amount of NH2OH (20 mM) . Before the reduction reaction, 100 µL of 0.5 nM 
AuNS solution was incubated with 1 µM poly A30. The scale bar indicates 20 nm. 
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Figure 4.7 TEM images of gold nanoparticles prepared by incubating AuNS with poly 
A30 at different molar ratios: AuNS: DNA = (a) 1:20, (b) 1:100, (c) 1:500, (d) 1:1000, (e) 
1:2000. (f) 1: 4000. The AuNS (0.5 nM) were incubated with DNA for 30 min., followed  
by addition of 20 mM NH2OH and 167 µM HAuCl4 to complete the nanoparticle 
synthesis. The scale bar indicates 20 nm. 
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Figure 4.8 TEM images of gold nanoparticles prepared with (a) Adenosine 
monophosphate (AMP), (b) random 30 mer DNA. A similar synthesis procedure was 
followed except that 0.5 nM AuNS was incubated with 30 µM AMP or 1 µM random 
DNA. Random DNA sequence: 5' - AGT CAC GTA TAC AGC TCA TGA TCA GTC 
AGT - 3' ). The scale bar indicates 20 nm. 
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Figure 4.9 Time dependent evolution of UV−visible spectra of AuNF growth solution 
in the presence of A30. The spectrum from bottom to the top indicates the absorbance 
spectrum of the growth solution after initiation of the reaction for 0 s, 3s, 5s, 10s, 30s, 
60s, 120s, 240 s, 480 s, 720s, or 840 s respectively. 
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Figure 4.10 TEM images of the nanoparticle intermediates prepared by stopping the 
nanoparticle growth with mercaptopropionic acid (1.5 mM) after 0.5 s (a, g, m) , 2 s (b, h, 
n),  5 s (c, i, o), 30 s (d, j, p), 5 min. (e, k, q) and 15 min. (f, l, r) of the reaction. The 
images in the top row (a-f) represent the intermediates synthesized in the presence of poly 
A30; The images in the second row (g-l) represent the intermediates synthesized in the 
presence of poly T30; The images in the last row (m-r) represent the intermediates 
synthesized in the absence of DNA. Before initiation of the reduction reaction, 100 µL of 
0.5 nM AuNS solution was incubated with 1 µM DNA. The scale bar indicates 20 nm. 
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Figure 4.11 TEM image of the small gold nanoparticles produced from the conversion 
of Au(I)-MPA complex into metal particles on the TEM grid upon electron-beam 
irradiation during TEM imaging. HAuCl4 (167 µM) was mixed with mercaptopropionic 
acid (1.5 mM), and the mixture was dropped on TEM grid. The TEM image was taken 
after the sample was dried. Scale bar indicates 20 nm. 
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Figure 4.12 Schematic illustration of the DNA mediated shape control of gold 
nanoparticles. 
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Figure 4.13 Melting curves of the DNA on AuNFs (red line) and free in solution (black 
line). Both of the melting curve was obtained using buffer containing 10 mM HEPES 
buffer (pH 7.1) and 50 mM NaCl. 
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Figure 4.14 TEM images of the nanoassemblies: (a) AuNF_A30 with AuNS5nm_S_T30; 
(b) AuNF_A30 with non-complementary AuNS5nm_S_A30; (c) AuNS_T30 with 
AuNS5nm_S_A30; (d) AuNS_T30 with non-complementary AuNS5nm_S_T30. The scale 
bar indicates 20 nm. 
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Figure 4.15 Additional TEM images of the nanoassemblies: (a, b) AuNF_A30 with 
AuNS5nm_S_T30; (c, d) AuNF_A30 with non-complementary AuNS5nm_S_A30. Scale 
bar indicates 100 nm. 
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Figure 4.16 Dark-field light-scattering images of the gold nanoflowers. Scale bar 
indicates 2 µm. 
 
 
 
 
 
Figure 4.17 Dark field image of the CHO cells (a) treated with AuNF particles, (b) 
without nanoparticle treatment. The scale bar indicates 10 µm. 
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Figure 4.18 Optical and confocal fluorescence images of the CHO cells treated with 
AuNF nanoparticles synthesized with FAM-A30 (a-d) or without nanoparticle treatment 
(e-h). a. Bright-field image of the AuNF treated cells; b-d. Corresponding 3-D  
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(Fig. 4.18 cont.) reconstructed confocal fluorescence images of the AuNF treated cells (b. 
top view, c, d side views, unit scale: 1 µm). e. Brightfield image of the control cells; e-g. 
Corresponding 3-D reconstructed confocal fluorescence images of the control cells (f. top 
view, g, h side views, unit scale: 1 µm). The scale bars in figure a and figure e indicate 10 
µm The AuNFs (1 nM) were incubated with CHO cells for 20 hours before imaging. The 
fluorescence is coming from the incomplete quenching of fluorophore by the gold 
nanoparticles. It was shown that the fluorescent dots were distributed inside the cells, 
indicating that the AuNFs were uptaken by the cells after incubation. As a comparison, 
the control cells without nanoparticle treatment showed little fluorescence. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
102 
 
CHAPTER 5 
DNA ENCODED SHAPE CONTROL OF METAL NANOPARTICLES 
 
5.1    Introduction 
Metal nanoparticle is one of the most important nanomaterials due to its intriguing 
properties and wide applications in catalysis, sensing, imaging, electronics, and medicine 
[1-10]. The physical and chemical properties of a metal nanoparticle are largely 
determined by its shape, size, crystal structure, and chemical compositions. To fully 
explore potentials of these nanomaterials for useful applications, shape control of metal 
nanoparticles is critical because the desired physiochemical properties can be obtained by 
tailoring the nanoparticle morphology. Significant advances have been made toward 
shape controlled synthesis of metal nanoparticles, proven by the successful synthesis of a 
large number of nanomaterials with various shapes including nanopheres, nanorod, 
nanoprism, nanocubic, nanocage, etc [8,9]. Among the methods reported to control metal 
nanoparticle shape, the use of molecular capping agents to direct nanocyrstal growth in a 
face selective fashion is the most popular one. The capping agents are usually polymers 
(e.g. PVP) [4], organic surfactants (e.g. CTAB) [11], or small molecules [12,13].  
However, the selection of the molecular capping agent for shape controlled synthesis is 
mostly a “try and error” process, due to limited understanding on the role of the 
molecular structural on the nanocrystal growth, and difficulty in defining their structures 
and conformations in solution, and systematic variation of the functional groups. 
Furthermore, several recent reports have shown that nanoparticles with increased 
complexity possess unique properties with improved performance in plasmonics, 
catalysis, and biomedicine [10,14,15], but current nanoparticle synthetic methods are 
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mostly suitable for synthesis of simple or symmetrical nanoparticles, but not for those 
with complex and asymmetrical shapes.  
As a special type of polymer, DNA is well known for its well defined structures and 
ability for bio-recognition through base-pairing. In comparison with conventional 
polymer, whose length and chemical structure are very difficult to be precisely controlled, 
the length and chemical structure of DNA are programmable, with its four types of 
monomers (A, T, C, G) to be placed in any order and length. In addition, the 
developments of biotechnology and synthetic chemistry have made possible to easily 
replicate or site-specifically modify DNA with other functional groups. Due to these 
advantages, DNA has been widely used as template or scaffold to functionalize and 
assemble nanoparticles for various applications [16-23]. Interestingly, only very few 
work have focused on the use of DNA to control the shape or morphology of metal 
nanoparticles. Very recently, we reported the modulation of gold nanoparticle 
morphology with DNA in a sequence-dependent manner [24]. By utilizing gold 
nanospheres as seeds for nanoparticles growth, we demonstrated that poly A or poly C 
could induce the formation of flower-shaped, while poly T produced spherical 
nanoparticles. With only limited number of DNA sequences and nanoparticle shapes 
tested, the power of DNA in controlling nanoparticle shape remains to be fully explored. 
In this chapter, we demonstrate a new DNA encoding method for shape controlled 
synthesis of metal nanoparticles with a variety of brand new shapes. The shaping effects 
of polydeoxynucleotides, and the interplay of different deoxynucleotide in a DNA 
sequence have been studies and identified. We also show that the morphology of gold 
nanoparticle can be fine tuned by systematic variation of DNA sequences.  
104 
 
5.2    Results and Discussions 
Seed-mediated synthesis method is commonly used in preparation of nanocrystals 
with controllable morphologies [3,25-27]. Pre-formed seeds are first introduced into the 
growth solution, and molecular capping agents are usually added to selectively bind to 
certain facets, and thus mediate the growth of seeds into same or different shapes. 
However, selection of effective capping agents for controlled evolution of seeds into 
desired shapes remains to be a big challenge. To explore the effect of different DNA 
sequences on the metal nanoparticle morphology during seed mediated synthesis, we 
chose gold nanoprism as a model system for further nanoparticle growth. Gold nanoprism 
is single crystalline, with {111} facets both at top and bottom flat surfaces, and twin 
planes and stacking faults on the side faces, therefore represents an excellent model for 
both vertical and horizontal growth [2,28,29].   
To grow nanoparticle in the presence of DNA, purified gold nanoprism seeds were 
incubated with poly A20, poly T20, poly C20, or poly G20 (designated as A20, T20, C20, 
G20) individually, followed by addition of mild reducing agent Hydroxylamine (NH2OH) 
and gold salt hydrogen tetrachloroaurate(III) (HAuCl4) to initiate particle growth. The 
morphologies of the resulted nanoparticles were studied using Scanning Electron 
Microscope (SEM). Surprisingly, the nanoprisms incubated with different DNA 
sequences all grew into nanoparticles with different shapes (Figure 5.1). Nanoparticles 
synthesized with A20 were round nanoplates with bumpy surfaces (Figure 5.1a), and 
nanoparticles with T30 grew into six-pointed nanostars (Figure 5.1b). Particles 
synthesized with C20 formed round nanoplates with smooth surfaces (Figure 5.1c), while 
particles with G20 produced hexagonal nanoplates (Figure 5.1d).  Gold nanoparticles 
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synthesized with each type of DNA sequences were uniformly shaped and mono-
dispersed. In contrast, when nanoprism seeds were grown in the absence of DNA, but 
under same growth conditions, only larger than micro-sized gold agglomerations with 
irregular shapes were formed. To further explore the shaping effect of each type of 
polydeoxynucleotide on the nanoparticle growth, we varied the length from 5 bases to 30 
bases (5-20 bases for poly G case due to the difficulty in synthesizing DNA longer than 
20 bases). As shown in Figure 5.3-5.6, shape control effects from each type of 
polydeoxynucleotide remained the same in the range of 5 bases to 30 bases (20 bases for 
Poly G series).  These results demonstrated that DNA of different sequences could direct 
the growth of the nanoprism into different shapes, and each type of deoxynucleotide 
encoded the formation of nanoparticles with certain shapes. 
  To probe the nanoparticle growth process mediated by DNA, absorbance of 
nanoparticle solution growing with each type of polydeoxynucleotide were monitored 
with UV-visible-NIR spectrometer. As shown in Figure 5.7 a and 7c, for the cases of A20 
and C20, the absorbance of the nanoprisms peaked at 800 nm blue shifted in the first two 
minutes and then right shifted back with a peak at 800 nm afterwards. The nanoparticle 
growth completed within 10 minutes, and the intensity of the absorbance increased 
during nanoparticle growth. The absorbance of the sample with G20 also showed an 
initial blue shift in the first minute of growth, and then red-shifted with a peak at 950 nm 
(Figure 5.7d).  In contrast, for growth solution containing T20, the absorbance increased 
and the peak at 800 nm red-shifted continuously over the course of particle growth and 
the final resulted nanoparticle solution showed a broad peak at 1250 nm (Figure 5.7b). 
This difference in absorbance change might indicate different shape evolution pathways 
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for nanoparticles grown from different DNA sequences. To further study this time-
dependent shape evolution, the nanoparticle growth was stopped at the different time 
stages by addition of excess amount of mercaptopropionic acid (MPA), the morphologies 
of the intermediates were then observed under SEM. As shown in Figure 5.8a and 8c, the 
nanoprisms with A30 or C30 first grew larger into truncated prisms or round nanoplates 
in the first three minutes, and then the horizontal growth slowed down while the vertical 
growth became more evident. While both A30 and C30 case produced thicker particles, 
the A30 induced the formation of round nanoplates with bumpy surfaces and C30 
intended to produce round nanoplates with smooth surfaces. Differently, the nanoprisms 
incubated with T30 grew horizontally first into hexagonal plates in the first two minutes. 
Each angle of the hexogen then sharpened, and the six-pointed nanostars were well 
formed after ten minutes’ of particle growth (Figure 5.8b). In the case of G30, the shape 
nanoprisms first evolved into round nanoplates, and then into nanohexagons within ten 
minutes (Figure 5.8d). These results suggest that DNA could act as template to mediate 
the shape evolution of the nanoseeds into different shapes depending on the DNA 
sequences. It is known that different DNA bases have different binding affinities on gold 
surfaces, with A, C, G binding to the gold surface stronger than T [30,31]. It is believed 
that different DNA sequences might interact differently with the nanoprisms, and thus 
shape the them into different morphologies during growth.  
 Poly A, T, C, G have been shown to possess different shaping effects on the 
nanoparticle growth, but they only represent the simplest cases of DNA, as a single 
stranded DNA normally contains one or more types of deoxynucleotide. To explore the 
possibility to use DNA sequence as a coding system to modulate nanoparticle shape, we 
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extended our investigation to DNA containing two types of deoxynucleotide. Six possible 
di-deoxynucleotide combinations (AT, AC, AG, TC, TG, GC) were tested. Since a 30 mer 
DNA has been previously shown to produce nanoparticles with controlled shapes and 
good colloidal stability [24], we fixed the length of DNA containing two types of 
deoxynucleotide at 30 mer to simplify the study. Each tested 30 mer DNA consisted of 
two or three DNA segments, with each segment containing only one type of 
deoxynucleotide. The length of each segment was varied and the segments together made 
up a 30 mer DNA. We grew gold nanoparticles with each designed sequences under same 
conditions as we did with Poly A, Poly T, Poly C, or Poly G series.  For AT combinations 
(Figure 5.9), T10A20, T15A15, T20A10  all gave round nanoplates with bumpy surfaces, 
similar to the case of A30, suggesting that A had stronger shaping effect than T, and effect 
from A was dominating when A and T were combined in one DNA sequenc. However, 
when T10 segment was placed at both ends of the 30 mer DNA, the resulted 
nanoparticles were nanoplates with thick edges and thin centers. For AC combinations 
(Figure 5.10), all tested sequences (A10C20, A20C10, A10C10A10, C10A10C10) 
produced bumpy round nanoplates. For AG combinations (Figure 5.11), A10G20 gave 
nanohexogens, similar to the case of G20, indicating the effects from G dominated. When 
the length of poly A segments increased to 20, the resulted nanoparticles are bumpy 
nanoplates, similar to case of A20 or A30, suggesting that effects from A dominated. In 
addition, the effects from A dominated in the sample of A10G10A10, while effects from 
G dominated in the sample of G10A10G10. The results from AG combinations showed 
the shaping effects of A and G are competing with each other, and the one with longer 
length wins. For TC combinations (Figure 5.12), all tested DNA sequences (T10C20, 
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T20C10, T10C10T10) produced flower-like nanoparticles. The edge parts of these 
flower-like nanoparticles have flat and thin central areas, and thick edges wrapped with 
multiple tips. Since nanoparticle shape produced from TC combinations was different 
from both those from Poly T and those from Poly C, we think the shaping effect from TC 
combinations is synergistic effects from Poly A and Poly C. 
TG series represented one of the most interesting combinations. As shown in Figure 
5.13, T10G20 produced nanohexogons, indicating the G shaping effect dominated. With 
the length increase of the T segment, the edges of the nanohexogens started to get thicker 
(case of T15G15). Further increase in T segment length (case of T20G10) produced six-
pointed nanostars with thick edges and thin center areas. This new shape could be 
regarded as additive affects from both poly T and poly G.  
The shaping effects of CG combinations shared some similarities with AG 
combinations. C10G20 resulted in nanohexogens, where effects from G dominated. With 
the increase of C segment length, bumpy round nanoplates were formed (Figure 5.14).   
  By comparing the newly formed nanoparticle shapes with the shape of the original 
nanoprism seeds, the shaping effects of A, T, C, G in Poly A, Poly T, Poly C, Poly G by 
themselves or DNA containing two types of bases could be identified, which are 
summarized in Table 1.  Since Poly A series could shape the original nanoprism seeds 
into a thick, bumpy round nanoplates, we conclude that A is able to increase the surface 
roughness and also thickness of the resulted nanoparticles, and thus we assign the effect 
of A as “roughening and thickening”.  These shaping effects from A have shown up 
clearly in samples of AT, AC, and AG combinations. Poly T series produced six-pointed 
nanostars with smooth surfaces and thicker edges, we assign the shaping effect of T as 
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“flattening, edge thickening”.  These shaping effects from T has also been demonstrated 
in AT, TC, and TC combinations. Poly G has a shaping effect of forming flat 
nanohexogens, which is also confirmed in AG, CG and TG combinations. Only exception 
is the T case. Even though poly C series were shown to produce thick nanoplates with 
round shapes and flat surfaces, once combined with other type of DNA bases (in the case 
of TC, GC combinations), C induced the formation of bumpy nanoplates, showing a 
similar shaping effect as A bases. After identification of the shaping effects of the A, T, C, 
G, we further studied the interplay between each type of bases by analyzing the results 
from AT, AC, AG, TC, TG, and GC sequence combinations. The interplay of the shaping 
effect of A, T, C, G in DNA containing two types of bases were summarized in scheme 1. 
For AG and GC combinations, and the shaping effects of each type of deoxynucleotide 
were competing with each other, and the one with longer segment length would win the 
competition and dominate shaping process during the nanoparticle growth. AT 
combinations also showed a competitive model, but the shaping effect of the A segment 
dominated even if the its length was shorter than the T segment, which is consistent with 
the fact that A possesses a much higher binding affinity to gold surface than T does. TG 
combinations showed an additive model. The effects from T or G were additive to each 
other, producing a new shape combining the shaping effects from both bases (Figure 
5.13). TC combinations showed a synergistic model, producing flower-like nanoparticles, 
whose shapes were different from both Poly T case and Poly C case  
   Have identified the shaping effects of A, T, C, and G and their interplays, we 
wished to further demonstrate the fine-tuning of nanoparticle morphology with DNA 
sequences. As shown in Figure 5.15, T20G5, T20G10 produced nanoplates with thick 
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edges and thin center areas, showing combined effect from both T and G. With the length 
increase of G segment to 15 (case of T20G15), shaping effect from G was more evident, 
and the resulted nanoparticle had a shape of hexogen, but the edge area was still thicker 
than the central area. When the G segment length further increased to 20 (case of 
T20G20), shaping effects from G dominated and the final resulted nanoparticles were 
nanohexogens. These results mean that it is possible to fine tune the nanoparticle 
morphology by adjusting the DNA sequence and length.  
5.3    Conclusions 
In summary, we have demonstrated the use of DNA to control nanoparticle shape 
during seed mediated growth. The shaping effects of each type of deoxynucleotides were 
identified. When two types of deoxynucleotide were combined in one DNA sequence, 
three types of interplay effects (competitive, additive, or synergistic) were observed. With 
this DNA encoded nano-synthesis method, a number of nanoparticles with brand new 
shapes have been synthesized. In addition, we have also shown the fine-tuning of 
nanoparticle shape by adjusting the DNA sequences or lengths. This work could provide 
a new method to synthesizing nanoparticles with complex shapes and new applications in 
catalysis, sensing, imaging and electronics. Due to the programmable nature of DNA, it 
could open up the possibility for rational design on nanoparticle synthesis and shape 
control.  
5.4    Experimental 
       Chemicals and Materials. All Oligodeoxynucleotide used in current study were 
purchased from Integrated DNA Technologies Inc. (Coralville, IA). Hydrogen 
tetrachloroaurate(III) hydrate (HAuCl4·3H2O, 99.999%; Sigma-Aldrich), Hydroxylamine 
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hydrochloride (NH2OH·HCl, 99.9999%; Sigma-Aldrich), Sodium hydroxide (NaOH, 
98%; Sigma-Aldrich), Adenosine 5′-monophosphate sodium salt (AMP, 99%; Sigma-
Aldrich), Thymidine 5′-monophosphate sodium salt (TMP, 99%; Sigma-Aldrich), 
Cytidine 5′-monophosphate sodium salt (CMP, 99%; Sigma-Aldrich), Guanosine 5′-
monophosphate sodium salt (GMP, 99%; Sigma-Aldrich), Cetyltrimethlyammonium 
bromide (CTABr); sodium iodide (99%), L-ascorbic acid (99%); sodium borohydride 
(NaBH4, 99.99%), Tris(2-carboxyethyl)phosphine hydrochloride (TCEP, C9H15O6P · HCl; 
Sigma-Aldrich), and 2-Mercaptoethanol (ME, 98%; Sigma-Aldrich) were used without 
further purification. 
       Synthesis and purification of gold nanoprism. Gold nanoprisms were prepared by 
following previously published literatures [32]. The nanoprism synthesis consisted of 
following four steps. Step A: 2.733 g of CTABr was added in 150 mL millipore water, 
followed by addition of 50 µM of NaI. The mixture solution was then heated for 
dissovlation. Step B: 5 nm gold nanoparticle seeds were synthesized by reducting 1 mL 
of 10 mM HAuCl4 with 1 mL of 100 mM NaBH4, in the presence of 1 mL of 10 mM 
sodium citrate and 36 mL of millipore water.The gold nanoseeds should be aged for at 
least 2 hours to hydrolyze the unreacted NaNH4. Step C: Three growth solutions were 
prepared for nanoprism growth. The first two solutions (solution 1 and solution 2) 
contained 0.25 mL of 10 mM HAuCl4, 0.05 mL of 100 mM NaOH, 0.05 mL of 100 mM 
ascorbic acid, and 9 mL of the prepared CTABr solution. The final growth solution 
(solution 3), contained 2.5 mL of 10 mM HAuCl4, 0.50 mL of 100 mM NaOH, 0.50 mL 
of 100 mM ascorbic acid, and 90 mL of the prepared CTABr solution. Step D: For 
nanoprism synthesis, 1 mL of 5 nm gold nanoparticle solution was added to solution 1, 
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and then 1 mL of growth solution was quickly added to solution 2. After shaking, all of 
the resulting growth solution 2 was added to solution 3, and the reaction was performed 
for at least for at least 30 minutes. E). The as-prepared nanoprism solution was stored in a 
glass flash for overnight for the nanoprism to settle down to the bottom. The supernatant 
was removed, and the gold nanoprism from sedimentation was redispersed in Millipore 
water. 
       Synthesis of the gold nanoparticles mediated by DNA. The freshly redispersed gold 
nanoprism solution was first purified by centrifugation for 2 times, and then the 
absorbance of the purified gold nanoprisms was measured by UV-vis spectrometer.  The 
absorbance of nanoprism solution at 800 nm was adjusted to 0.7 with appropriate 
dilutions. 100 µL of gold nanoprism solution was first incubated with 2 µM of DNA for 
15 min to let DNA adsorb onto the gold nanoseeds. 1 µL of 200 mM NH2OH (adjusted to 
pH 5 with NaOH) was then added to the nanoprism solution. After vortexing, 2.5 µL 1% 
(wt/wt) HAuCl4 was introduced to the mixture solution to initiate the reduction reaction. 
A color change (depending on the sequence of the DNA used in the incubation step) was 
observed in a few minutes, and the reaction was allowed for at least 15 min until 
completion.  
Characterization Methods. Shape and size of gold nanoparticles as well as the nano-
assemblies were analyzed using a Hitachi S4800 scanning electron microscope (SEM). 
Absorbance of the nanoparticle solutions were characterized using UV-Vis-NIR 
spectrophotometry (Cary 5000). 
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5.6    Figures 
 
 
Figure 5.1 SEM images of gold nanoparticles synthesized with h (a) A20, (b) T20, (c) 
C20 and (d) G20. The scale bar indicates 200 nm.  
 
 
 
Figure 5.2 (a) SEM image of the 20 nm gold nanoseeds (b) SEM image of the gold 
nanoparticles prepared in the absence of DNA. The scale bar indicates 100 nm.  
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Figure 5.3 SEM images of gold nanoparticles prepared with (a) A5, (b) A10, (c) A15 (d) 
A20, and (e) A30. The scale bar indicates 200 nm.  
 
 
 
 
Figure 5.4 SEM images of gold nanoparticles prepared with (a) T5, (b) T10, (c) T15 (d) 
T20, and (e) T30. The scale bar indicates 200 nm.  
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Figure 5.5 SEM images of gold nanoparticles prepared with (a) C5,(b) C10, (c) C15 (d) 
C20, and (e) C30. The scale bar indicates 200 nm.  
 
 
 
Figure 5.6 SEM images of gold nanoparticles prepared with (a) G5, (b) G10, (c) G15, 
and (d) G20. The scale bar indicates 200 nm.  
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Figure 5.7 Time dependent UV−vis-NIR absorbance evolution of gold nanoparticle 
growth solution in the presence of (a) A20, (b) T20, (c) C20 and (d) G20.  The 
absorbance was monitored for 15 minutes with a time interval of 1 minute.  
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Figure 5.8 SEM images of the nanoparticle intermediates grown with (a) A30, (b) T30, (c) 
C30 and (d) G30. The nanoparticle growth was stopped the nanoparticle growth with 1.5 
mM mercaptopropionic acid at different time points. The scale bar indicates 200 nm.  
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Figure 5.9 SEM images of gold nanoparticles synthesized with (a) T10A20, (b) T15A15, 
(c) T20A10 and (d) T10A10T10. 
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Figure 5.10 SEM images of gold nanoparticles synthesized with (a) A10C20, (b) 
A20C10, (c) A10C10A10 and (d) C10A10C10. 
 
 
Figure 5.11 SEM images of gold nanoparticles synthesized with (a) A10G20, (b) 
A15G15, (c) A20G10, (d) A10G10A10 and (e) G10A10G10. 
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Figure 5.12 SEM images of gold nanoparticles synthesized with (a) T10C20, (b) T15C15, 
(c) T20C10 and (d) T10C10T10. 
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Figure 5.13 SEM images of gold nanoparticles synthesized with (a) T10G20, (b) T15G15, 
(c) T20G10 and (d) T10G10T10. 
 
 
Figure 5.14 SEM images of gold nanoparticles synthesized with (a) C10G20, (b) 
C15G15, (c) C20G10, (d) C10G10C10 and (e) G10C10G10. 
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Table 5.1 Summary of the shaping effects of each type of nucleotides in DNA containing 
one type of two types of dexynucleotides.  
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Scheme 5.1 Summary of the shaping effects and their interplay between each type of 
nucleotides in DNA containing two types of dexynucleotides.  
 
 
Figure 5.15 SEM images of gold nanoparticles synthesized with (a) T20G5, (b) T20G10, 
(c) T20G15 and (d) T20G20. 
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CHAPTER 6 
PH DEPENDENT SHAPE EVOLUTION OF GOLD 
NANOSTRUCTURES 
 
6.1    Introduction 
In recent years, gold nanostructures have been the subject of intensive research due 
to their intriguing optical, electrical, and chemical properties and promising applications 
[1]. Lots of efforts have been made to control the shape and size of gold nanostructures as 
their properties are highly shape and size dependent [2]. A large number of gold 
nanostructures of various morphologies including nanospheres, naorods, nanowires, 
nanoprisms, nanoplates, and branched nanostructures have been fabricated in the past 
decade [3,4]. Morphology control of metal nanoparticles can be realized by adjusting the 
reaction conditions (such as choice of the precusor materials, molecular ratio or 
temperatures), or by employing selective adsorbates such as surfactants, small molecule, 
or polymer capping agents to control the nanocyrstal growth [4]. However, despite 
tremendous progresses made, it is still challenging to produce gold nanostructures with 
hierarchical or complex structures, and it is even more difficult to systematically tune the 
morphology of these complex nanostructures.  
   Toward fabrication of gold nanostructure with a high level of complexity, gold 
dendritic structures with hyperbranched architectures are the focus of the interest, as they 
exhibit superior physiochemical properties with applications in plasmonics and 
biosensors due to their high surface area as well as the presence of the nanoscale 
branches [5-9]. Gold dendritic structures have been prepared by electrochemical [10,11], 
ionic liquid templating [6], or metal replacement methods [8]. However, there are few 
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reports on the systematic morphology tuning of such metal dendrtic structures. 
Electrochemical approach was able to changes the morphology of the structure deposited 
on the electrode by adjusting potential or deposition time, but it is very difficult to scale 
up [11]. We are interested in developing new method to synthesize dendritic gold 
nanostructures by solution chemistry without the use of surfactants or templates. In 
nature, dendritic (or fractal) structures are observed ubiquitously in far-from-equilibrium 
growth conditions [12]. One interesting example is the formation of the snowflakes from 
water vapors in the air under supersaturation. The diffusion-limited aggregation (DLA) 
model and cluster-cluster aggregation (CCA) model are usually used to explain and 
analyze such fractal phenomena [13-15]. The morphologies of a crystal are determined by 
the correlation between the driving force of crystallization and diffusion of atoms, ions, 
molecules, or heat. Theoretically, it is possible to tune the driving force of crystallization 
or molecule diffusion rate to vary the crystal morphology.  
Inspired by nature and motivated by these theoretical predictions, here we aim to 
develop a new system based on HAuCl4 reduction by Hydroxylamine for facile 
production of gold nanostructures with varying morphologies both in solution and on 
solid surface. More importantly, these morphologies can be fine tuned by just adjusting 
the pH of the reaction system. At certain optimized conditions, gold crystals with 
controlled symmetries or snowflake-like gold nanostructures were formed respectively 
and some of these structures are brand new and haven’t been reported in literature.  
6.2    Results and Discussions 
The reactions are often carried out in aqueous solution by using HAuCl4 and 
hydroxylamine/ascorbic acid as gold precursor and reductant respectively. In the initial 
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experiments performed by Natan and co-workers, the reaction solution was acidic with a 
pH lower than 4. They reported that there was no HAuCl4 reduction happening in the 
absence of gold surface, while the reduction happened very quickly in the presence of 
gold nanospheres, therefore, the reaction is catalyzed by gold surface. In order to 
investigate the effect of pH on the reduction reaction, we prepared 20 mM hydroxylamine 
solution with different pH values (from 4.5 to 11.65) adjusted by addition of different 
amounts of NaOH. Same amount of HAuCl4 were then introduced to each of the 
Hydroxylamine solution. To our surprise, the color of mixture solutions with high pHs 
(pH 11.65) changed from colorless to blue color immediately while  the mixture solution 
with moderate pHs (from 5.5 to 10.5) appeared to be gray colored in a few minutes. As a 
comparison, those solutions with low pH (lower than pH 5.5) remained colorless (See 
Figure 6.1a).   
    Transmission electron microscopy (TEM) was then employed to investigate the 
morphology of the prepared gold crystals from each solution. For those solutions with pH 
lower than 5.5, little metal structures were observed under TEM. As shown in Figure 6.1b, 
when the pH reached to 5.5, large micro-sized leaf like gold crystals were observed. For 
solutions with pH from 6 to 10.5, gold dendritically structured crystals with sub-
microsizes were observed. When the pH reached to higher than 11, gold nanoflowers of  
size at around 50 nm were observed. These results indicate that the reduction reaction as 
well as the morphologies of the resulted gold nanocrystals are highly pH dependent. At 
higher pH, the reduction of HAuCl4 by Hydroxylamine is much faster than that of lower 
pH.  This pH dependence in reduction rate determined the formation of different shaped 
gold crystals at different pH.  
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To grow gold structures on surface, 3 nm Cr layer and 30 nm Au layer were 
deposited by using E-beam evaporator on 5 mm round glass coverslip. The freshly 
prepared gold surface was immersed in 300 µL NH2OH solution of varying pHs, and 
then 3 µL 1% HAuCl4 was added to initiate the reduction reaction. The reaction was 
proceeded for 30 mins before the surface was taken out for SEM characterization. As 
shown in Figure 6.2, at pH 4.28, flower-like gold structures were observed under SEM. 
The gold crystals had a size around 1-3 microns. As the pH increased to 4.45, 5-star gold 
structures were observed. Each of the tips was evenly extended out with the angle 
between each adjacent tips for around 720.  At pH 4.55, even higher percentage of the 5-
star gold structures was observed. With further increase of the pH to 5 or higher, dendritic 
gold structures with multiple tips were formed. These results demonstrated that the pH 
value during gold structure growth has remarkable influence on the formed gold structure 
morphologies.  
   To study the growth process of the 5-star gold structure, the gold structure growth 
was stopped after reaction for different periods of time and then the morphology of the 
structure were seen under SEM. Figure 6.3 showed the time-dependent growth process of 
the five-star structures. After 1 min’s reaction, only gold nanoparticles of 20 nm in size 
were formed. After 5 mins, the 5-star structures were observed. With the reaction going 
one, the tips of the 5 star extended longer. No further morphology change was observed 
when the reaction was proceeded for longer than 30 mins.  
   This pH directed morphology evolution of the gold structures suggests a new 
method to synthesize and tune the morphology of the hierarchical gold nanostructures. 
Especially the 5-star gold structures were formed at certain pH. Even though some of the 
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previous reports have showed that five-fold symmetry could be observed as intermediates 
in nanocrystal growth [16], it still unclear that how  the 5-star gold structures were 
formed only at certain pH instead of all pHs. We have proposed two possibilities that we 
need to testify experimentally: either there is no five-fold symmetric crystal formation at 
high or low pH, or there is five-fold symmetric crystal formation at all pH values, but we 
don’t observe five-fold symmetric crystals due to multiple nucleus formation. Currently 
we are collaborating with Professor Yongwei Zhang’s group at University of Singapore 
on simulation of the 5-star gold structure formation and the pH directed morphology 
evolutions. 
     We further investigated the growth of gold crystal on a gold nanoparticle coated 
silicon surface. In order to coat the citrate modified gold nanoparticle on the silicon 
surface, the silicon surface was first treated with piranha and then (3-
Aminopropyl)Triethoxysilane (APTES) to introduced amine group on the surface. At 
neutral pH, the amine groups are protonated and positively charged, and therefore 
negatively charged gold nanoparticles could adsorb on the gold surface electrostatically. 
   After coating the silicon surface with 20 nm gold nanoparticles, the silicon surfaces 
were transferred into 400 µL 20 mM NH2OH solution at pH 3 or pH 5, and then 4 µL 1% 
HAuCl4 solution was added to the NH2OH solution to initiate the reduction. The 
reactions were stopped by taking out the surface and rinsing it with pure water after 
reaction for 10 s, 60 s and 2 hours. After nitrogen blowing to dry the surfaces, these 
surfaces are imaged under scanning electron microscopy (SEM) at 15 kV. At pH 3, the 
gold nanoparticle grew bigger and bigger with the increase of the reaction time and the 
shape evolved from spherical to compact flower-like nanoparticles (Figure 6.4 a-c). In 
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contrast, at pH 5,  the reduction completed very quickly and all the 20 nm gold 
nanospheres were converted into gold nanostars with sizes around 200 nm within 10 s’ 
reaction. No further morphology change was observed after elongate the reaction time for 
a longer time until 2 hours (Figure 6.4 d-f). These results indicate that both the pH and 
the gold nanoparticle seeds on the silicon surface could be used to modulate the gold 
crystal growth and the morphology.   
6.3    Conclusions 
We have demonstrated the growth of gold nanocrystal with controlled morphology 
both in solution and on the surface. We have identified that pH played an important role 
in controlling the reduction rate as well as the gold nanocrystal morphology. By growing 
the gold surface on the solid surface, we can achieve further control on the gold crystal 
morphology and mimick the growth process of the golden snowflakes. The pH directed 
morphology control method provides a new way to synthesize and tune the morphology 
of the hierarchical gold nanostructures, these gold nanostructures could find useful 
applications in electronics, catalysis, sensing and imaging.  
6.4    Experimental 
       PH dependent shape evolution in solution. Hydroxylamine (20 mM) solution was 
first adjusted to different pH (from 4 to 12) by concentrated sodium hydroxide. Then 100 
µL of each solution was transferred into centrifuge tubes individually followed by the 
addition of 1 µL of 1% HAuCl4 solution to initiate the reaction. After 30 minutes’ 
reaction, each of the solution was dropped on TEM grid and imaged using Transmission 
electron microscope. 
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    Gold crystal growth on a flat gold surface. E-beam evaporator was used to deposit 3 
nm Cr adhesive layer and 30 nm gold layer on the silicon surface at a deposition rate of 1 
angstrom per second. This gold coated silicon surface was put in 400 mL 20 mM NH2OH 
solution at pH 3 or pH 5, and then 4 mL 1% HAuCl4 solution was added to the NH2OH 
solution to initiate the reduction. The reactions were stopped by taking out the surface 
and rinsing it with pure water at 10 s, 60 s and 2 hours time points. After nitrogen 
blowing to dry the surfaces, these surfaces are imaged under Scanning electron 
microscopy (SEM) at 15 kV. 
     Gold crystal growth on gold nanoparticle coated  silicon surface. The silicon surface 
was first treated piranha and then (3-Aminopropyl)Triethoxysilane (APTES) to 
introduced amine group on the surface. At neutral pH, the amine groups are protonated 
and positively charged, and therefore negatively charged gold nanoparticles could adsorb 
on the gold surface electrostatically. After coating the silicon surface with 20 nm gold 
nanoparticles. The silicon surfaces were transferred in 400 mL 20 mM NH2OH solution 
at pH 3 or pH 5, and then 4 mL 1% HAuCl4 solution was added to the NH2OH solution 
to initiate the reduction. The reactions were stopped by taking out the surface and rinsing 
it with pure water at 10 s, 60 s and 2 hours time points. After nitrogen blowing to dry the 
surfaces, these surfaces are imaged under scanning electron microscopy (SEM) at 15 kV. 
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6.6    Figures 
 
 
Figure 6.1 a. Photos of the reaction solution at different pHs; b. TEM images of gold 
crystals formed at different pH.  
 
 
 
 
Figure 6.2 SEM images of the gold crystal structures grown at varing pH (from left to 
right: pH 4.28, pH 4.45, pH 4.66, pH 5). The images at the bottom row are zoom-in 
images of the images at the top row.  
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Figure 6.3 SEM images of the gold crystal structures formed at varying growth time 
(from left to right: 1 min, 5 mins, 10 mins, 30 mins ). The scale bars in the first three 
images from the left indicate 200 nm and the scale bar in the right most image indicates 
500 nm.  
 
 
 
 
Figure 6.4 SEM images of gold crystals formed on gold nanoparticle coated silicon 
surface at pH 3 (a-c) and pH 5 (d-f) with a reaction time of 10 s (a, d), 60 s (b, e) and 2 
hous (c, f). 
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